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Unravelling the temporal

and spatial variation of fungal
phylotypes from embryo to adult
stages in Atlantic salmon

Jep Lokesh?*, Prabhugouda Siriyappagouder® & Jorge M. O. Fernandes®**

Early microbial colonization has a profound impact on host physiology during different stages of
ontogeny. Although several studies have focused on early bacterial colonization and succession,

the composition and role of fungal communities are poorly known in fish. Here, we sequenced the
internal transcribed spacer 2 (ITS2) region of fungi to profile the mycobiome associated with the eggs,
hatchlings and intestine of Atlantic salmon at various freshwater and marine stages. In most of the
stages studied, fungal diversity was lower than bacterial diversity. There were several stage-specific
fungal phylotypes belonging to different stages of ontogeny but some groups, such as Candida
tropicalis, Saccharomyces cerevisiae, Alternaria metachromatica, Davidiella tassiana and Humicola
nigrescens, persisted during successive stages of ontogeny. We observed significant changes in the
intestinal fungal communities during the first feeding. Prior to first feeding, Humicola nigrescens
dominated, but Saccharomyces cerevisiae (10 weeks post hatch) and Candida tropicalis (12 weeks post
hatch) became dominant subsequently. Seawater transfer resulted in a decrease in alpha diversity
and an increase in Candida tropicalis abundance. We also observed notable variations in beta diversity
and composition between the different farms. Overall, the present study sheds light on the fungal
communities of Atlantic salmon from early ontogeny to adulthood. These novel findings will also be
useful in future studies investigating host-microbiota interactions in the context of developing better
nutritional and health management strategies for Atlantic salmon farming.

The host-associated microbiome occupies a diverse ecological niche on various mucosal and non-mucosal body
surfaces of different organisms. Microbial communities on mucosal surfaces, especially the intestinal microbiome,
are involved in various biological processes, such as nutrient uptake, metabolism, energy homeostasis and
regulation of the host immune system!. The intestinal microbiome is characterised by a remarkable diversity
that includes a wide range of microorganisms from the kingdoms of Monera, Fungi and Protista as well as viruses.
This diversity and the composition of the intestinal microbiome are host-specific, and generally (eu)bacteria and
fungi in particular contribute significantly to the overall gene content within the community?. Although previous
studies on the intestinal microbiome have mainly focused on the description and functional characterisation of
bacterial communities, there is growing interest in the composition and functions of fungal groups (mycobiome)
and their involvement in nutrition, health and disease in mammals>*.

Fungi are eukaryotic microorganisms that generally have larger (compared to bacteria) and complex
genomes, and are known to interact with the host immune system via specific receptors®. In human, a dysbiotic
mycobiome has been associated with the development of irritable bowel syndrome and psychiatric disorders
such as schizophrenia®. Functional studies have shown the specific enzyme repertoire of fungi involved in the
digestion of resistant fibres in the rumen microbiome of livestock®. Furthermore, functional complementarity
between fungal enzymes and specialized plant cell wall-degrading enzymes of rumen bacteria has also been
demonstrated*.

The intestinal fungal population show high degree of variation compared to the bacterial microbiome®. The
most important factors influencing the composition of the intestinal mycobiome include diet and ontogeny stage
(age)®. For example, in humans, a plant-based diet causes an increase in the relative abundance of Candida, while
consumption of a diet rich in animal foods leads to an increase in Penicillium species’. A similar effect of diet on

Faculty of Biosciences and Aquaculture, Nord University, Bods, Norway. *Present address: Université de Pau
et des Pays de I'Adour, E2S UPPA. INRAE, NUMEA, Saint-Pée-Sur-Nivelle, France. “"email: lokesh.jep@inrae.fr;
jorge.m.fernandes@nord.no

Scientific Reports | (2024) 14:981 | https://doi.org/10.1038/s41598-023-50883-x nature portfolio


http://crossmark.crossref.org/dialog/?doi=10.1038/s41598-023-50883-x&domain=pdf

www.nature.com/scientificreports/

fungal populations has been demonstrated in dairy cows, where the transition from a diet high in forage to a diet
rich in cereals affected the abundance of the genera Cyllamyces and Caecomyces®. Regarding the effects of ageing
on the mycobiome, Malassezia, Saccharomyces and Debaryomyces hansenii were the more common fungal genera
in intestine of neonates aged 1-4 months, while Saccharomyces and Candida were the dominant fungal species in
adults’. Moreover, such an age-related transition in the rumen mycobiome of dairy cows has also been reported®.
On the other hand, there was no significant effect of age on the diversity of fungal communities in Panthera
tigris'®, suggesting that the age-related transition in the mycobiome might be species- and developmental stage-
specific. A direct comparison of the composition and abundance profile of the mycobiome between mammals
and teleosts is challenging due to differences in their living environments, dietary habits, anatomy, physiology of
the digestive tract, immune systems, etc. Nevertheless, we hypothesize that ontogenic transition could strongly
influence the fungal composition in teleosts, as observed in mammals®’.

To date, there are very few studies on the mycobiome of teleosts, particularly in commercially important
aquatic species. Knowledge of commensal fungal communities and the effects of factors such as age, diet and
environmental conditions on community stability and functions is most useful from both basic and applied
perspectives. A study in the teleost vertebrate model zebrafish showed that the intestinal tract comprises diverse
mycobiota whose composition varies with habitat!!. Furthermore, exposure of early developmental stages of
zebrafish to commensal gut fungi had a significant impact on bacterial populations and expression of genes
involved in metabolism and immunity'>'*. Studies on the intestinal fungal communities of tilapia (Oreochromis
mossambicus), an omnivorous species, and bighead carp (Aristichthys nobilis), a filter-feeding herbivorous species,
have shown that the fungal groups are host-specific, with a significant difference in beta diversity, possibly driven
by the feeding habits of the fish!*. The symbiosis between the fungal groups and the fish host is also implicated
in the wood-eating fish Panaque nigrolineatus'®, whereas the diet (frozen fish vs. formulated feed) did not affect
the intestinal fungal populations of cobia fish (Rachycentron canadum)*é. Furthermore, a core group of fungi,
including Debaryomyces hansenii and Rhodotorula mucilaginosa, has been identified in both wild and cultivated
carnivorous fish species, such as Atlantic salmon (Salmo salar), rainbow trout (Oncorhynchus mykiss), Coho
salmon (Oncorhynchus kisutch), corvina drum (Cilus gilberti), and cape yellowtail (Seriola lalandi)"’.

Atlantic salmon is one of the most important species in aquaculture. Its life cycle include both freshwater
and seawater phases, providing a unique opportunity to study the progression of the mycobiome with age and
various physiological transitions'®. We have previously demonstrated the transition of bacterial community
composition in the early embryonic stages and intestine of Atlantic salmon in both freshwater and seawater
phases'®. We hypothesize that there will be a similar transition in the fungal community. Hence in the present
study, we investigated the early colonization and succession of fungal communities associated with ontogeny in
embryonic stages, hatched larvae and intestine of Atlantic salmon at various freshwater and seawater stages by
amplicon sequencing of the fungal internal transcribed spacer 2 (ITS2) region using the Illumina MiSeq platform.
To understand spatial variation in adult Atlantic salmon fungal communities, samples were also collected from
rearing farms at different locations.

Materials and methods

Sampling

Ethical approval

This study was conducted in accordance with the guidelines of the Norwegian Animal Research Authority. The
animal experimentation protocols used in the study were approved by Norwegian Animal Research Authority
(FDU; approval number: 7899). All methods are reported in accordance with ARRIVE guidelines.

Ontogeny stages

Samples were collected from different freshwater and seawater stages of ontogeny from hatchery-reared Atlantic
salmon (Cermaq AS, Bodg, Norway). All samples were collected from a single cohort of Atlantic salmon. All
metadata on the samples and the stages selected for sampling are presented in Lokesh et al.'®. The salinity,
temperature and pH of the hatchery rearing water were around <0.5 ppt, 12 °C and 7, respectively, whereas the
conditions in the seawater rearing system were 34 ppt, 12-13 °C and 7, respectively.

A commercial starter feed (Biomar, Aarhus, Denmark) was provided to the first feeding fry. The pellet size
was adjusted as the fish grew. Fish undergoing smoltification were fed smolt feed (Biomar). After the transfer to
seawater, the fish were given grower’s feed (Biomar). In commercial farms, fish were fed with grower feed from
Skretting, Stavanger, Norway. These diets are standardized to meet the nutritional needs of the fish at various
stages of ontogeny, ensuring appropriate levels of macro and micronutrients'®. The nutrient compositions are
given in the Supplementary Table S1. The samples of embryos and hatchlings (whole) in the present study came
from trays housed in a single tank. The fish (for intestine sampling) from the other ontogeny stages were taken
from a single tank in which they were being reared. All samples (n=10 from each ontogeny stage) were collected
after either the embryos/fish had been euthanised with 200 mg/L MS-222 (tricaine methanesulfonate; Argent
Chemical Laboratories, Redmond, USA). Samples of the eyed eggs [EE; 240 degree-days (DD)], eggs one week
before hatching (EBH; 396 DD) and hatchlings (HL; 480 DD) were taken at the early stages of development. At
7 weeks post hatch (wph) when yolk sac absorption was complete, the entire intestine was visible and sampled
until 12 wph to understand the transition of fungal communities in the early freshwater stages. First the fish were
euthanised and then the fish were placed under a magnifying glass. The belly was cut open and the intestine was
carefully taken out using sterile tools. The harvested intestine was placed in a cryotube and flash frozen in liquid
nitrogen. The distal intestine was clearly distinguishable from 20 wph and was sampled from this point onwards
for both freshwater stages (20, 44 and 62 wph) and marine stages (65, 68 and 80 wph). The distal intestine was
cut open using sterile tools, and both its contents and mucus were collected. All samples were transferred to
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a cryotube, immediately frozen in liquid nitrogen and stored at — 80 °C until DNA extraction. A graphical
representation of the difference stages sampled is given in Lokesh et al.'®.

Farms

To understand spatial variation in the mycobiome, adult fish were collected from three different farms in the
Nordland region, Norway. Of the three farms, two (farms 1 and 2) were located in Hamaroy (67.8954° N,
15.9416° E) and farm 3 was located in Inndyr (67.0319° N, 14.0281° E). The average weight of sampled fish was
3.60+0.41 kg, 3.79+0.58 kg, and 2.83 +0.63 kg for farms 1, 2 and 3, respectively. Fish were sampled (n=10
from each farm) after being euthanized with a lethal dose (200 mg/L) of MS-222. The intestine was aseptically
dissected, and its contents and mucus were collected by scraping with a sterile glass slide. Samples were snap-
frozen in liquid nitrogen and stored at — 80 °C until DNA extraction.

DNA extraction, preparation and sequencing of libraries

DNA from the samples was extracted using the QIAamp DNA Stool Mini Kit (Qiagen, Nydalen, Sweden)
according to the manufacturer’s protocol and modifications by Lokesh and Kiron*. Amplicon libraries were
prepared according to the dual-index protocol described by Kozich et al.?! using the fungus-specific primers
fITS7: GTGARTCATCGAATCTTTG and ITS4: TCCTCCGCTTATTGATATGC?. PCR was performed using
a T100 PCR thermal cycler (Bio-Rad, Oslo, Norway) in a 25 L reaction volume containing 12.5 pL Kapa HiFi
HotStart PCR Ready Mix (KAPA biosystems, Woburn, USA), 2.5 uL forward and reverse primers (300 nM)
and 7.5 uL of the DNA elutions. Thermocycling conditions included an initial denaturation step at 95 °C for 5
min, followed by 30 cycles at 98 °C for 30 s, annealing at 58 °C for 30 s and extension at 72 °C for 45 s. A final
extension was performed at 72 °C for 2 min. PCR reactions were performed in triplicate and included negative
and positive controls. The positive controls contained ZymoBIOMICS Microbial Community DNA Standard
(Zymo Research, Irvine, USA), while the negative controls contained water in place of samples. After completion
of PCR, triplicate reactions per sample were pooled and further diluted and quantified prior to sequencing'®?!.
Amplicon libraries were sequenced at a concentration of 10 pM with an equimolar 10% PhiX control library on
a MiSeq platform (Illumina Inc., San Diego, CA, USA) using the MiSeq v3 reagent kit (300 bp paired-end). The
16S rRNA data used for comparing bacterial and fungal diversities were generated as part of a separate study'®.
Briefly, the same dual-index method used to generate fungal ITS amplicons was applied to generate 16S rRNA
amplicons using the primers V3-341F-CCTACGGGAGGCAGCAG and V4-785R-GGACTACHVGGGTWT
CTAAT to amplify the V3-V4 region of the 16S rRNA gene. The resulting data were analyzed using the UPARSE
pipeline to obtain the OTUs>.

Sequence and statistical analysis

The resulting sequence data were used for downstream analysis. The forward and reverse reads were trimmed
to 260 and 270 base pairs, respectively. These lengths were selected based on the average Phred scores, which
tended to be lower than Q30 after 260 and 270 bp for the forward and reverse reads, respectively. The trimmed
reads were merged and quality filtered using expected error filtering strategy (maximum expected error rate
threshold =0.01) described in the UPARSE pipeline® and further processed with the PIPITS pipeline using
default parameters®. OTUs with a similarity of 97% were created, which in turn were assigned taxonomy using
the RDP classifier®® and the UNITE database®®. The phylotype table created with these data was used for analysis
of underlying diversity and community structure. Count data were divided into five categories based on the type
and origins of sample, namely early developmental stages (EE, EBH and HL), whole intestine from freshwater
stages (7 wph, 8 wph, 10 wph and 12 wph), distal intestine from freshwater stages (20 wph, 44 wph and 62 wph),
distal intestine from seawater stages (65 wph, 68 wph and 80 wph), and the farms (farm 1, farm 2 and farm 3).
All downstream analyses were performed separately for these five categories. Alpha diversity and beta diversity
measures were computed using the R¥ package Phyloseq, version 1.12.2%. Statistical significance of differences
in alpha diversity indices is evaluated using R. When data were normally distributed with equivariance, the
parametric one-way ANOVA was used. If the assumptions of either normal distribution or equal variance were
not met, a non-parametric one-way ANOVA (Kruskal-Wallis test) was used. Tukey’s HSD was used to perform
the post-hoc test. Beta diversity was calculated using Bray-Curtis dissimilarity index. Statistical significance
of dissimilarity was assessed using ANOSIM: analysis of similarity?. Prior to ANOSIM, the significance of
differences in dispersion between groups was assessed using the betadisper function in the R package vegan,
version 2.5.1%.

Core members of the mycobiome were computed using QIIME?* by identifying phylotypes present in at least
90% of samples belonging to a group (either a life stage or a farm) with abundance more than 0.01%. Significantly
abundant core phylotypes belonging to a given group were identified using linear discriminant analysis effect size
(LEfSe) with a p-value cut-off of 0.05 (for the paired t-test and Wilcoxon rank-sum test) and an LDA cut-off of 4>
Alpha diversity indices of bacterial OTUs were determined according to the protocol described in Lokesh et al.’®.

Results

Overview of the sequence data

We sampled 10 individuals from their respective stages. Results for all 10 samples are presented for most stages,
except for EE =8, 80wph =7, Farm1 =8, and Farm3 =9. Some samples were excluded from the final dataset due
to extremely low sequence coverage. We obtained a total of 7,673,614 quality-filtered fungal ITS2 sequences
from 150 samples, which were clustered into 915 OTUs. Further, we obtained 501 phylotypes from these OTUs
by grouping the OTUs with the same taxonomy into a phylotype. Rarefaction depths were 7239, 21,386, 24,003,
21,062 and 11,632 for early developmental stages (EE, EBH and HL), whole intestine from freshwater stages (7
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wph, 8 wph, 10 wph, 12 wph), distal intestine of fish from freshwater stages (20 wph, 44 wph, 62 wph), seawater
stages (65 wph, 68 wph, 80 wph) and farms (farm 1, farm 2, farm 3), respectively (Supplementary Fig. SIA-E).

The fungal diversity and composition of eggs, hatchlings, and the intestine during the early
stages of ontogeny

Fertilized eggs at early developmental stages harbored a diverse fungal community, with pre-hatch eggs having a
significantly higher Shannon diversity index (Fig. 1A, P <0.05). Hatching had no significant effect on community
richness and evenness, as indicated by the Shannon index (Fig. 1A, P>0.05). The fungal beta diversity was
significantly different between EE and EBH, and EE and HL groups in the early stages (Fig. 1B; P<0.01, R>0.7).
Hatchlings did not differ significantly from the EBH in their beta diversity (P>0.01). In the early developmental
stages, there were a total of 33 core phylotypes in the three groups (Supplementary Fig. S2). Several of these
core phylotypes were identified as significantly differentially abundant in different groups. The phylotypes
Davidiella tassiana (0.25%), Cryptococcus albidus (0.14%), Nectriaceae sp. (0.14%), Alternaria metachromatica
(0.1%) and Saccharomyces cerevisiae (0.085%) were most significant in EE, while Sordariomycetes sp. (0.09%) and
Ceratobasidiaceae sp. (0.04%) were significantly abundant in EBH. Humicola nigrescens (0.48%), Corticiaceae
sp. (0.03%), Malassezia restricta (0.05%), Trichoderma viride (0.03%) were found to be significant phylotypes in
the HL group (Fig. 1C, Supplementary Fig. S2).

Intestine samples collected at early ontogeny stages (7 wph and 8 wph) of Atlantic salmon showed relatively
high species richness and evenness (Fig. 2A, P <0.05), which decreased significantly following 4 weeks feeding
(12 wph) (Fig. 2A, P<0.05). There were no significant differences in beta diversity between samples collected at 7
wph and 8 wph (Fig. 2B, P> 0.05), while samples collected at 10 wph and 12 wph were significantly different from
each other as well as the 7 wph and 8 wph showing a progressive age dependent transition. Overall, intestinal
fungal communities of salmon differ from each other in the early freshwater stages (Fig. 2B, P<0.01, R>0.7).
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Figure 1. Boxplot showing fungal alpha diversity in terms of Shannon index during early developmental stages
of Atlantic salmon, namely eyed egg (EE), eggs before hatching (EBH), and hatchlings (HL) (A). Different
letters above the boxplot indicate significant differences between groups (P <0.05). NMDS plot showing beta
diversities calculated with the Bray-Curtis dissimilarity index (B). The differences in clustering patterns were
analysed using analysis of similarities (ANOSIM), and R and P values for each of the comparisons are indicated.
Significantly abundant core phylotypes (present in >90% samples at >0.01%) belonging to each of the ontogeny
stages as identified by LEfSe (C).
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Figure 2. Boxplot showing fungal alpha diversity in the intestine of Atlantic salmon at early stages of ontogeny
(7 wph, 8 wph, 10 wph, and 12 wph) (Shannon index) (A). Different letters above the boxplot indicate
significant differences between groups (P <0.05). NMDS plot showing beta diversities calculated with the Bray-
Curtis dissimilarity index (B). The differences in clustering patterns were analysed using analysis of similarities
(ANOSIM), and R and P values for each of the comparisons are indicated. Significantly abundant core features
(present in>90% samples at >0.01%) belonging to each of the stages of ontogeny as identified by LEfSe (C).

A total of 46 core phylotypes were identified in the intestine of Atlantic salmon at this phase (Supplementary
Fig. S3). Of these 11, 7, 3 and 7 phylotypes were differentially abundant in samples collected at 7, 8, 10 and 12
wph, respectively. Humicola nigrescens (7 wph), Saccharomyces cerevisiae (10 wph), and Candida tropicalis (12
wph) were the most significant phylotypes depending on the specific early freshwater stages of Atlantic salmon
(Fig. 2C).

Distal intestinal fungal populations of Atlantic salmon in late freshwater stages

Species richness and evenness of the fungal communities were higher in the 20 wph, but decreased at 44 wph
(Fig. 3A, P<0.01). It increased towards the end of the freshwater stage at 62 wph but it was still significantly lower
than the samples collected at 20 wph (Fig. 3A, P <0.05). The beta diversity at 20 wph was significantly different
from 44 and 62 wph (Fig. 3B, P <0.01, R>0.9). Samples collected at 44 wph and 62 wph were moderately similar
to each other (R=0.384). In total, 42 core phylotypes were identified among the three groups (Supplementary
Fig. S4). Among the 25 significantly abundant core phylotypes, Humicola nigrescens (20 wph), Davidiella tassiana
(20 wph), Candida tropicalis (44 wph), Alternaria metachromatica (62 wph) were the fungal phylotypes forming
the most significant features in the distal intestine of Atlantic salmon at freshwater stages (Fig. 3C).

Distal intestinal fungal populations of Atlantic salmon in seawater stages
To understand the effect of seawater transfer, we compared the last stage sampled from freshwater with the
first stage sampled in seawater. Samples collected from the late freshwater stage at 62 wph had higher fungal
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Figure 3. Boxplot showing fungal alpha diversity in the intestine of Atlantic salmon at late freshwater stages
(20 wph, 44 wph, and 62 wph) (Shannon index) (A). Different letters above the boxplot indicate significant
differences between groups (P <0.05). NMDS plot showing beta diversities calculated with the Bray-Curtis
dissimilarity index (B). The differences in clustering patterns were analysed using analysis of similarities
(ANOSIM), and R and P values for each of the comparisons are indicated. Significantly abundant core features
(present in>90% samples at >0.01%) belonging to each of the ontogeny stages as identified by LEfSe (C).

~

community richness and evenness than samples collected from the early seawater stage at 65 wph (Fig. 4A,
P <0.05). Clustering patterns of the intestinal fungal community of salmon during the freshwater (62 wph)
and seawater (65 wph) phases were significantly different from each other (Fig. 4B, P<0.01, R>0.5). Out of the
22 core phylotypes identified in this phase (Supplementary Fig. S5), Davidiella tassiana (0.11%) and Candida
tropicalis (0.88%) were the most significantly abundant phylotypes detected in the freshwater and seawater phases,
respectively (Fig. 4C, Supplementary Fig. S5).

The Shannon diversity index of fungal communities in the distal intestine of Atlantic salmon was markedly
different between seawater groups. The Shannon index was significantly higher in 80 wph compared to 65 wph
(Fig. 5A, P <0.05). Similarly, the beta diversities of the fungal communities in the intestine of seawater salmon
were significantly different between stages (Fig. 5B, P <0.05). Alternaria metachromatica (0.28%), Saccharomyces
cerevisiae (0.1%), Candida tropicalis (0.89%) and Davidiella tassiana (0.2%) were the most significant fungal
species among the 31 core phylotypes identified (Supplementary Fig. S6) in the intestine of salmon during
seawater phases (Fig. 5C). It is noteworthy that after transfer to the seawater, the abundance of Davidiella tassiana
(65 wph) comes down compared to 62 wph (Supplementary Fig. S5). Interestingly its abundance gradually
increases in the late seawater stages and it becomes a significantly abundant phylotype in the 80 wph (Fig. 5C).

Comparison of intestinal fungal communities in fish from different farms

No significant differences in Shannon indices were observed for the intestinal fungal community of salmon from
the three different farms (Fig. 6A). Beta diversity was moderately different among the three fish farms (Fig. 6B).
There were 27 core fungal phylotypes, among which Davidiella tassiana and Alternaria metachromatica were
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Figure 4. Boxplot showing fungal alpha diversity in terms of Shannon index during the transition between the
freshwater and seawater stages of Atlantic salmon (62 wph and 65 wph) (A). Different letters above the boxplot
indicate significant differences between groups (P <0.05). NMDS plot showing beta diversities calculated with
the Bray-Curtis dissimilarity index (B). The differences in clustering patterns were analysed using analysis of
similarities (ANOSIM), and R and P values for each of the comparisons are indicated. Significantly abundant
core features (present in >90% samples at >0.01%) belonging to each of the ontogeny stages as identified by
LEfSe (C).

abundant in all the farms (Supplementary Fig. S7). Twelve phylotypes were differentially abundant between
different farms. Trichosporon gracile (found only in farm 1), Candida tropicalis, and Davidiella tassiana were the
most significant members of farm 1, farm 2, and farm 3, respectively (Fig. 6C).

Comparison between the bacterial and fungal diversities in Atlantic salmon intestine

Alpha diversity (Shannon index) of fungal OTUs was generally lower than the bacterial OTUs across different
developmental stages, except EE, 8 wph, 20 wph, 62 wph and 68 wph. In the case of EBH and 80 wph, the fungal
alpha diversity index was significantly higher than the bacterial diversity index. (Supplementary Fig. S8).

Discussion

Here, we present, for the first time, a comprehensive analysis of the remarkable transitions occurring within
fungal communities throughout the life cycle of Atlantic salmon. By examining different stages of ontogeny,
we unravel the dynamic nature of fungal populations. Furthermore, we also assess the spatial variation of the
mycobiome of Atlantic salmon across multiple farms.

Hatching do not cause a change in the beta diversity of the mycobiome in Atlantic salmon
Salmonids have a long embryonic developmental time and the eggs are susceptible to fungal infections during
this phase®. Therefore, there is immense interest in the commensal microbes present at these stages, as they
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Figure 5. Boxplot showing fungal alpha diversity in the intestine of Atlantic salmon at seawater stages (65 wph,
68 wph, and 80 wph) (Shannon index) (A). Different letters above the boxplot indicate significant differences
between groups (P <0.05). NMDS plot showing beta diversities calculated with the Bray-Curtis dissimilarity
index (B). The differences in clustering patterns were analysed using analysis of similarities (ANOSIM), and R
and P values for each of the comparisons are indicated. Significantly abundant core features (present in >90%
samples at >0.01%) belonging to each of the ontogeny stages as identified by LEfSe (C).

could be used to combat pathogens. This potential of commensal organisms has already been demonstrated in
Atlantic salmon, where a member of the Actinobacteria (genus: Frondihabitans) was able to limit the spread
of Saprolegnia in eggs®. In the present study, EBH had the highest diversity (among EE, EBH and HL) and the
diversity scores were higher than those of the bacterial population. This could indicate involvement of the fungal
population in host developmental processes or pathogen containment®. On the contrary, the current study is
the first to describe the fungal phylotypes associated with developing eggs using high-throughput sequencing
technology. Through this sensitive method, it is possible to detect groups that were not previously reported. It
is plausible that this diverse fungal community, even more extensive than bacteria, present in the eggs prior to
hatching could be indicative of the presence of an array of opportunistic pathogenic groups®. Indeed, some
members of the Malassezia, Sordariomycetes, Chaetomiaceae, and Ceratobasidiaceae, which were present in eggs,
are known to encompass different plant and animal pathogens®**~. It is important to study the functional traits of
salmon-specific species to understand the significance of their presence on the eggs. On the other hand, fish egg
microbiota may influence embryonic development and hatching success**’. A previous study noted significant
changes in bacterial diversity during white fish egg development. Early stages exhibit high diversity similar to
water communities, while diversity decreases later with increased host selection and shows a strong positive
correlation with temperature*®*!. In the present study, bacterial diversity remains stable pre-hatching, while
fungal diversity peaks before hatching. Investigating molecular interactions between these fungal phylotypes
and egg-associated microbiome could reveal their potential role in hatching success.
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Figure 6. Boxplot showing fungal alpha diversity in the intestine of adult of Atlantic salmon in farms (farm
1, farm 2, and farm 3) (Shannon index) (A). Different letters above the boxplot indicate significant differences
between groups (P <0.05). NMDS plot showing beta diversities calculated with the Bray—Curtis dissimilarity
index (B). The differences in clustering patterns were analysed using analysis of similarities (ANOSIM), and R
and P values for each of the comparisons are indicated. Significantly abundant core features (present in >90%
samples at >0.01%) belonging to each of the ontogeny stages as identified by LEfSe (C).

Interestingly, in contrast to the drastic changes in the bacterial population from EBH to HL'®, there was no
significant transition in the fungal composition from EBH to HL. This was surprising because hatching results in
a complete change in the anatomical structures that normally supports independent populations**. Furthermore,
after hatching, microenvironments such as the gills, mouth, and gut take shape and provide unique niches for
specific phylotypes®. Although there were no changes in alpha- and beta diversity, the significant phylotypes
belonging to HL were different, indicating a shift in the abundance of certain groups at the HL stage. This may
indicate the involvement of these specific phylotypes in the development of the neural, digestive and immune
system. Interactions between commensal bacteria and early ontogenic stages of zebrafish has been extensively
studied and the specific bacterial species important for the fish development and survival are identified**-’.

Hatching is also a critical stage in ontogeny because the animal becomes more exposed to pathogenic
organisms without protection from the chorion. Although members of Malassezia restricta found in the HL
stage are not well characterized in teleosts, there are reports of this species causing infective endocarditis in
humans*. On the other hand, Trichoderma viride (abundant in HL) is known to be a potent antifungal species
that efficiently kills pathogenic fungi in plants through its extracellular secretions consisting mainly of the
enzymes chitinases and B-1,3-glucanases®. It would be relevant to investigate whether the salmon phylotype
has similar potential for pathogen control.

First feeding has a strong impact on the intestinal fungal diversity and composition
The transition from yolk to exogenous feeding is a critical window in the ontogeny of teleosts including salmon®.
In contrast to the non-significant transition in bacterial alpha and beta diversity, there were significant changes

Scientific Reports |

(2024) 14:981 | https://doi.org/10.1038/s41598-023-50883-x nature portfolio



www.nature.com/scientificreports/

in the diversity of fungal populations. The difference in diversity (both alpha and beta) between the 7 wph and
8 wph was minimal. This could be due to the fact that the sampling points were only one week apart, which is
not sufficient to detect inter-individual differences in the onset of feeding. The other comparisons between the
stages sampled at this phase were significantly different from each other, indicating a progressive transition in
the fungal communities. This suggests that the fungal populations are more sensitive to the onset of exogenous
feeding than the bacterial populations. The progressive decrease in alpha diversity could be an indication of host
selection of the phylotypes or the predominance of the phylotypes that could utilize the dietary components. Such
selection by the host and the effect of diet is extensively reported for the bacterial microbiome in teleosts*>>" 2,

We sampled 3 late freshwater stages and observed a significant fluctuation in alpha diversities, with 44 wph
showing a sharp decline in Shannon index. In addition, beta diversities also differed significantly between
the three groups sampled in this phase, indicating a progressive transition in community composition with
development. Although the factors that caused the sharp decline in alpha diversity are not known, it should
be noted that there was one phylotype (Candida tropicalis) that was highly abundant at this stage. It needs to
be further investigated whether such high abundance has negative effects on the occurrence of other groups.
Although Candida tropicalis is known to interfere with biofilm formation and morphogenesis of Candida albicans
in humans, its effect on other fungal groups is unknown®.

Transfer of Atlantic salmonto seawater leads to a transition in fungal diversity and composition
Transfer to seawater is another critical step in the life history of Atlantic salmon, as the fish undergoes a series of
physiological changes before entering seawater®*. In the present study, a significant decrease in alpha diversity
was observed after the fish were transferred to seawater. Beta diversity was also significantly different between
the freshwater (62 wph) and seawater (65 wph) groups. It is known that the change to seawater affects the
composition of the bacterial community both on the skin and intestine?*. It is noteworthy that a clear shift in
the phylogenetic content was observed in the case of the bacterial microbiome, whereas in the present study, the
phylotypes observed as significant features of the seawater stages (80 wph) were consistently observed in other
stages and their abundance increases in seawater, indicating the halophilic nature of the phylotypes.

Immediately after the seawater transfer, Candida tropicalis was identified as the most abundant phylotype
in the seawater group (65 wph), although it was also present at a substantial level in the freshwater group (62
wph). This suggests that the Candida tropicalis strain found in Atlantic salmon thrives both in freshwater and
seawater, with a preference for seawater as its abundance increased in seawater (65 wph). The three stages
sampled during the seawater phase showed a gradual significant increase in alpha diversity indices. At the same
time, beta diversities also differed significantly between the groups. The drastic reduction in alpha diversity
immediately after transfer to seawater and the progressive increase in alpha diversity during the seawater phase
could indicate a restructuring of the compositional profile in response to the changes in salinity>®’. Several
phylotypes, including Alternaria metachromatica, Davidiella tassiana and Debaryomyces prosopidis, were
identified as significant features of the late seawater stages (80 wph). It is noteworthy that these phylotypes were
also present in fish at freshwater stages. It will be interesting to study the symbiotic relationships between these
phylotypes and the host in different salinity levels to understand their importance in host biology.

Spatial variations in the intestinal fungal communities of Atlantic salmon

The fungal communities from the three farms did not differ significantly from each other in terms of their
alpha diversities, whereas their beta-diversities differed significantly from each other. The phylotypes observed
in adult fish from the farms were broadly similar to those found in the early developmental stages and in
the intestines of the juveniles, although the abundance of certain groups was significantly different between
farms. Such differences in intestinal community composition between farms (spatial differences) could be due
to several reasons, including water temperature, salinity, pH and other husbandry practices, as well as fish
origin and host-derived factors®®*. Although there are not many studies showing the spatial variations in the
intestinal fungal communities of teleosts, it has been shown that the fungal phylotypes in the wild and lab
reared zebrafish are significantly different. The wild zebrafish being highly abundant with Dothideomycetes
whereas the lab reared fish comprising mainly of Saccharomycetes'!. In the present study, the adult Atlantic
salmon exhibited a predominant presence of Humicola nigrescens, Saccharomyces cerevisiae, Candida tropicalis,
Davidiella tassiana, and Alternaria metachromatica. In contrast, tilapia (Oreochromis mossambicus) and bighead
carp (Aristichthys nobilis) from a single reservoir displayed the highest abundance of genera such as Alternaria
(Dothideomycetes), Scopulariopsis (Sordariomycetes), and Chaetomium (Sordariomycetes)'*. Cobia, on the other
hand, showcased core dominant groups including Debaryomyces, Saccharomyces, Ascobolus, and Cladosporium*®.
These variations can be attributed to differences in intestinal anatomy and physiology, rearing temperature,
salinity and feeding habits of the fish®. For instance, in wood-eating Amazonian catfish (Panaque nigrolineatus),
the high abundance of Fusarium oxysporum, Aureobasidium pullulans, Botrytis caroliniana, Metschnikowia,
Alternaria, and Debaryomyces has been linked to the fish’s feeding behavior'®. Notably, Fusarium oxysporum,
which dominated the community, excretes endocellulases, exocellulases, and p-glucosidase, facilitating the
degradation of cellulose®’. Conversely, in cobia (Rachycentron canadum), different feed types (frozen fish vs.
commercial extruded diet) had no discernible effect on the intestinal fungal population'é. This finding suggests
that the diet-dependent adaptation of fungal populations may be host-specific, highlighting the intricate
relationship between the host and its fungal community.

Dominant fungal communities of Atlantic salmon during their early and adult life
A few phylotypes were present in the fish irrespective of the stages of development or the samples source
(different farms), namely Humicola nigrescens, Saccharomyces cerevisiae, Candida tropicalis, Davidiella tassiana,
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and Alternaria metachromatica. Their ubiquitous presence in all life stages, including the eggs and hatchlings,
and the intestine in both freshwater and marine phases, suggests that they are subject to direct host selection
and that these core members may be vital to host welfare®. Different strains of Saccharomyces cerevisiae have
already been isolated and characterised from the intestine of different fish species. Their role in the health and
nutrition of farmed fish has also been studied in detail, showing a positive effect on the overall health of the
host®. Members of Candida sp. have been reported from the intestinal population of marine fish and a member
of the salmonid family rainbow trout (Oncorhynchus mykiss)**%, although their specific role in host biology
remains to be described.

Davidiella tassiana and Alternaria metachromatica are known plant pathogens®. These two phylotypes occur
at different stages of ontogeny, including eyed eggs (EE). Although their functions in teleosts are generally
uncharacterised, the susceptibility of fish eggs to fungal infections of multispecies origin may indicate that
these groups are indeed opportunistic pathogens. The presence of Humicola nigrescens has been detected in
environmental soil samples®, but its occurrence in the host-associated microbiome is not well established. These
groups of organisms are known to produce extracellular phytase that cleaves phytic acid, resulting in higher
bioavailability of organic phosphate, zinc and iron®. It is likely that this phylotype provides these minerals,
which are important for host development, in the early stages of development and in the intestine of young
animals and adults.

The fungal microbiota in the early stages of ontogeny and in the intestine of juvenile and adult fish is a mixture
of potentially opportunistic pathogenic phylotypes and some fungicidal and probiotic groups. Overall, these
results warrant further investigation to understand whether it is indeed an arms race between pathogens and
beneficial groups. Furthermore, understanding the role of abiotic factors such as temperature, pH and other water
quality parameters in this interaction is crucial for the development of aquaculture health management strategies.

Fungal diversity is significantly lower than the bacterial diversity in most of the stages of
ontogeny

In addition, we compared the alpha diversity of fungi with that of bacteria at the same developmental stages and
found that fungal diversity was significantly lower at most stages, with the exception of a higher diversity value
in the EBH group. Lower fungal diversity compared to bacterial diversity has been found in many species®>®.
Although fungal populations have lower diversity compared to bacteria, they are considered functionally
important for the stability of the microbial ecosystem because there are specific interactions between bacterial
and fungal groups that are important for the physiology of the host®>”’. Indeed, in zebrafish it has been shown that
exposure of larvae to Debaryomyces sp. (isolated from the intestine of zebrafish) resulted in a significant increase
in the abundance of potentially beneficial bacterial genera such as Pediococcus and Lactococcus, suggesting
possible cross-kingdom interactions between these groups'.

Impact of environment on the composition

The impact of environmental factors on host-associated microbiomes is significant. Experimental manipulations
involving both warming and cooling have demonstrated a noteworthy reduction in microbial diversity within
various host-associated microbiomes”'. Notably, studies on chinook salmon (Oncorhynchus tshawytscha) have
revealed a significant shift in microbial communities when water temperatures are altered, transitioning from
a Vibrionaceae-rich community to one dominated by Fusobacteriaceae and Brevinemataceae as temperatures
increase from 8 to 20 °C’. The influence of salinity on the Atlantic salmon, with a drastic shift from a Firmicute-
rich to a proteobacteria-rich community upon transfer to seawater, further underscores the environmental impact
on microbiome dynamics'®. Moreover, the decrease in fungal phylotype diversity following transfer to seawater
mirrors similar observations made in bacterial populations undergoing the same environmental transition®.
In addition to temperature and salinity, factors such as diet and pH have been recognized as influential in
teleosts’>74, However, in our current study, the fish were consistently fed standard commercial diets with
minimal variations, and temperature and pH levels were controlled throughout ontogeny. Consequently, the
observed shifts in abundance profiles of fungal phylotypes are likely associated with host development rather
than variations in these environmental factors.

Furthermore, while it has been traditionally assumed that the microbe-rich aquatic environment would lead
to random colonization of the fish intestine, particularly during early ontogenic stages, recent evidence challenges
this notion”. Contrary to expectations, the host appears to play a highly selective role in shaping the composition
of microbial communities during development®7%-78, This selectivity may be tightly regulated by host factors,
such as the immune system, which acts as a deterministic force in bacterial group assembly’®. Future studies
should delve into the intricate interactions between host factors and fungal phylotypes to unravel the nuanced
dynamics governing host-associated microbiomes.

One limitation of the present study is that the samples in all stages were taken from a single tank and cage
(in the case of farms), thereby missing any potential variation arising from the tank effect. Previous studies have
demonstrated interactions between the microbiome and reared fish in a tank-specific manner’®-8!. Therefore,
this aspect needs to be addressed in future studies. Furthermore, consideration of inherent interindividual
variations in the host-associated microbiome is crucial®. In this study, alpha diversities in hatchery-reared fish
were generally lower than those in farm-sampled fish (Figs. 1A, 2A, 3A, 4A, 5A and 6A). Variations in beta
diversity were also relatively lower in embryonic and early intestinal stages (Figs. 1B, 2B). However, as fish
developed the variation increased, likely due to exposure to different host and environmental factors (Figs. 3B,
4B, 5B, 6B). Hence for a better overview, it could be recommended to increase the sample size by including
individuals from multiple tanks in studies of the host-associated mycobiome in Atlantic salmon.
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Figure 7. Illustration of the transition in the fungal communities of Atlantic salmon during its life cycle. We
show that hatching does not cause a major change in community diversity, whereas the first feeding and the
transition to seawater strongly affect the diversity and composition of the fungal population in the intestine.
Some of the major phylotypes, including Humicola nigrescens, Saccharomyces cerevisiae, Candida tropicalis,
Davidiella tassiana and Alternaria metachromatica, were present at all stages of development, and their
abundance varied at different stages of ontogeny.

Conclusions and future perspectives

In the present study, we report the transition in fungal communities in early life stages and intestine of juvenile
and adult Atlantic salmon. Fungal alpha diversity varies across developmental stages, as has been observed for
bacterial alpha diversity. Such variation in fungal diversity has been observed previously in humans, and some
of the changes have been attributed to factors such as nutrition and immune system development. The overall
diversity of fungi was lower compared to bacteria and there were significant changes in abundance profiles during
developmental stages. Core groups of phylotypes that were persistently present in all developmental stages and
fish from different farms included Humicola nigrescens, Saccharomyces cerevisiae, Candida tropicalis, Davidiella
tassiana, and Alternaria metachromatica (Fig. 7). These phylotypes include potential opportunistic pathogens
as well as fungicidal strains used as probiotics. Key events such as the first feeding and transfer to seawater had
a strong influence on the composition of the fungal community and led to a shift in the abundance profile.
Spatial differences in the diversity of fungal communities from different farms were minimal, although there
was a farm-specific abundance profile. The current study shows that fungal communities in Atlantic salmon are
highly diverse and may represent an important area of research pertaining to the host microbiome interactions.

Data availability
All sequence data are available at the NCBI sequence read archive under accession number PRINA919076.
https://dataview.ncbi.nlm.nih.gov/object/PRJNA919076?reviewer=ra7v0vg28nen019fg3ncg1lf6a.
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