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ABSTRACT (300 words) 

Microalgae show great promise for producing valuable molecules like biofuels, but their large-scale 

production faces challenges, with harvesting being particularly expensive due to their low concentration 

in water, necessitating extensive treatment. While methods like centrifugation and filtration have been 

proposed, their efficiency and cost-effectiveness are limited. Flotation, involving air-bubbles lifting 

microalgae to the surface, offers a viable alternative, yet the repulsive interaction between bubbles and 

cells can hinder its effectiveness. Previous research from our group proposed using an amphiphilic 

chitosan derivative, poly-octyl chitosan (PO-chitosan), to functionalize bubbles used in dissolved air 

flotation (DAF). Molecular-scale studies performed using atomic force microscopy (AFM) revealed that 

PO-chitosan's efficiency correlates with cell surface properties, particularly hydrophobic ones, raising 

the question of whether this molecule can in fact be used more generally to harvest different 

microalgae. Evaluating this, we used a different strain of C. vulgaris and first characterized its surface 

properties using AFM. Results showed that cells were hydrophilic, but could still interact with PO-

chitosan on bubble surfaces through a different mechanism based on specific interactions. Although 

force levels were low, flotation resulted in 84% of separation, which could be explained by the presence 

of AOM (algal organic matter) that also interact with functionalized bubbles, enhancing the overall 

separation. Finally, flocculation was also shown to be efficient and pH-independent, demonstrating the 

potential of PO-chitosan for harvesting microalgae with different cell surface properties and thus for 

further sustainable large-scale applications. 
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INTRODUCTION 

Microalgae, photosynthetic microorganisms, offer significant potential in various fields due to 
their ability to convert sunlight and carbon dioxide into valuable products. While the most significant 
application of microalgae lies in biofuels production, microalgae are also a rich source of proteins, 
essential fatty acids, vitamins and other nutrients, making them good candidates for nutritious foods or 
animal feed1. In comparison to terrestrial plants, microalgae offer numerous advantages. They can be 
cultivated year-round2, require less water than terrestrial crops despite growing in aqueous 
environments3, and can utilize nutrients present in wastewater for their cultivation4. Additionally, their 
cultivation does not necessitate the use of herbicides or pesticides, and their rapid growth rate 
(microalgae can achieve a yield 10 to 20 times higher than oil palm) and high oil production (compared 
to soybean, microalgae can produce up to 300 times more of oil)5 make them particularly promising for 
biofuel applications, surpassing traditional terrestrial plants in efficiency. However, the widespread 
adoption of microalgae-based biodiesel faces hurdles due to the costly production process6, which 
involves cultivation, harvesting, and biorefining7. Among these steps, harvesting is the most expensive, 
especially considering that microalgae typically grow in low concentrations in water (0.3–3 g/L), 
requiring significant water treatment efforts due to the large volumes involved8. 

 Several techniques have been proposed for microalgae separation, the most commonly used in 
industrial processes being centrifugation and filtration, even though these approaches are associated 
with significant operational expenses and energy consumption9,10. In this context, flotation is a good 
alternative, which consists of generating rising air-bubbles in a microalgae suspension. As a 
consequence, microalgae cells attach to bubbles and are transported to the surface without being 
damaged11. Yet, the effectiveness of this method may be hindered by the repulsive interaction between 
bubbles and cells, which arises from the negative surface charge of both cells and bubbles in water, 
coupled with the limited hydrophobicity of microalgae. In order to make this technique efficient for 
harvesting microalgae, a first possibility is to add a flocculation step prior to flotation. Typically, the 
natural tendency for microalgal cells to aggregate in suspension is inhibited by the negative surface 
charge characteristic of most microalgae species12. Hence, positively-charged flocculants are commonly 
introduced into the algal suspension to aggregate cells into larger flocs, increasing their likelihood of 
being captured by ascending air bubbles13. However, synthetic flocculants are frequently used, posing 
the risk of contaminating both the harvested biomass and subsequent stages of processing, including 
recycled water14. For these reasons, using bio-sourced polymers as flocculants is an interesting 
alternative. Such flocculants have different advantages; they are non-toxic, biodegradable, relatively 
cheap and can be abundantly available in nature15,16. As an example, chitosan is derived from the 
deacetylation of chitin found in shrimp. It acts as a polyelectrolyte and becomes positively charged at pH 
levels below its pKa (6.5). After cellulose, it stands as one of the most prevalent natural polymers on the 
planet17. Because of these advantages, it has been widely used to flocculate different microalgae species 
in a pH dependent manner. In a recent work from our team, we used atomic force microscopy (AFM) to 
access the interactions between chitosan and the cell surface Chlorella vulgaris (strain CCAP 211/B11) at 
the molecular scale18, and found that in fact the chitosan induced flocculation mechanism is different 
depending on the pH. At low pH (≤6), it is based on specific interactions between the flocculant and 
macromolecules present on the cell surface. Yet, at higher pH (at pH 8), chitosan precipitates and 
flocculates cells through a sweeping mechanism19. Because of the interest/applicability of this molecule, 
many studies have attempted to modify it in order to increase its possibilities. For example, our group 
has recently modified chitosan with hydrophobic groups, which resulted in higher flocculation 
efficiencies using C. vulgaris in a wider range of pH. AFM experiments in this case showed that in fact 
the flocculation mechanism was different from chitosan, as the interaction between this modified 
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chitosan molecule, called poly-octyl chitosan (PO-chitosan), was based on hydrophobic interactions with 
the cell surface20. 

Another alternative for increasing flotation efficiency is to modify the bubble surface with a 

molecule that will interact with cells, allowing to achieve efficient separation without the need of a 

flocculation step. This concept was first used for microalgae harvesting in 2008 by the team of 

Henderson21,22. In the strategy developed by this team, bubbles were functionalized with cationic 

polymers, making their surface positively charged. These modified bubbles could then attract 

microalgae cells, which typically carry a negative charge, through electrostatic forces, facilitating their 

capture and subsequent separation21–23. Recently, our group advanced this concept by functionalizing 

bubble surfaces with PO-chitosan, with the aim of attracting cells thanks to specific interactions 

between bubbles and cells instead of electrostatic ones20. In particular, in this work, we used a 

combination of AFM with microfluidics (FluidFM24) to produce functionalized micro-sized bubbles and 

measure their interactions at the molecular level with cells, using recent developments of our team25. 

These experiments allowed us to show that the functionalization of bubbles with PO-chitosan allowed 

increasing significantly their interactions with C. vulgaris cells (CCAP strain 211/11B) in a pH-dependent 

manner. However, the force curves obtained showed that hydrophobicity was the dominant component 

of the interaction between cells and functionalized bubbles, possibly because this particular C. vulgaris 

strain present hydrophobic properties, and probably hiding the first and expected specific interaction 

between the chitosan backbone on the bubble surface and cells. Interestingly, additional flotation tests 

revealed a direct correlation between the efficiency of flotation achieved with modified bubbles and the 

adhesion forces measured between cells and these treated bubbles. This suggested that greater 

adhesion forces lead to improved separation efficiencies during the flotation process20. In the best 

conditions, the separation efficiency doubled with PO-chitosan bubbles, demonstrating the efficiency of 

this flotation process20.  

Thus, our previous results showed the potential of PO-chitosan to efficiently separate C. vulgaris 

cells (strain CCAP 211/11B) from their culture medium by using it either as a flocculant, or as a 

surfactant to functionalize bubbles and perform separation through a one-step flotation process. But as 

we also showed, the efficiency of the molecule is directly correlated to the cell surface properties, 

especially hydrophobic properties, which raises the question to know if this molecule can in fact be used 

more generally to harvest microalgae cells with different surface properties. In that regard, C. vulgaris is 

an interesting species with many different strains that show a wide variety of cell wall matrices. For 

instance, Gerken et al. found that 10 different strains of C. vulgaris reacted differently to the same 

enzymatic cocktails, illustrating the fact that all 10 strains had different cell wall polysaccharidic 

compositions and/or architecture26. Such differences can be due to the fact that cells adapt to the 

habitat they live in, so depending on where the strains were isolated, their cell wall present different 

properties, which can have important impacts on the physico-chemical properties of the cell surface 

(notably hydrophilic/hydrophobic properties). Moreover, various strains of the same species may exhibit 

variations in the composition of the algal organic matter they generate, which can significantly impact 

both flocculation and flotation processes27. Thus in this work, we investigated the potential of PO-

chitosan to interact with the cell wall of a different C. vulgaris strain, thereafter named strain F010102-

A, isolated in Cuba in 200228. After characterizing the cell wall properties of this strain using AFM, we 

then show how it interacts with PO-chitosan used either as a flocculant or present at the surface of 

bubbles, and the consequences on both types of separation processes at the population scale. 



 

5 
 

Moreover, we also investigate the role of algal organic matter (AOM) in the interactions with 

functionalized bubbles to assess their potential role in the separation. Altogether, this work enhances 

our understanding of the PO-chitosan interactions with cell surfaces, and show that it can become a 

generic molecule to harvest different microalgae species with different cell surface properties. 

 

MATERIALS AND METHODS 

Microalgae strain and culture. The freshwater green microalga Chlorella vulgaris strain F010102-A from 

the Universidad de Oriente, Cuba28, was cultivated in BG-11 medium prepared with sterilized deionized 

water. Cells were cultivated in bubble column photobioreactors (30 L, Length × Diameter: 100 cm × 20 

cm) at room temperature (20 ± 2°C). The system was mixed by sparging with 0.2 μm filtered air (2 

L.min−1) and the pH was controlled at 8.5 by addition of 2–3 % pure CO2 using a pH-controller system. 

The photobioreactor culture was irradiated (16:8 h light: dark cycle) on two opposite sides with LED 

lights (7000K- daylight, 4000K- warm white, and RGB colored 1200 mm GoldLine LED, HVP Aqua) 

producing a photon flux density of approximately 150 μmol·photons·m-2·s-1 at the surface of the reactor. 

Microalgal culture growth was monitored by measuring optical density at 750 nm (OD750) using a UV-

visible spectrophotometer (Ultraspec-7000). Absorbance was calibrated against microalgal dry weight 

concentration, which was determined gravimetrically by filtering a known volume of culture on pre-

weighed glass microfiber filters (Whatman GF6, 47 mm diameter) and drying overnight at 105°C. 

For AFM experiments, cells were inoculated in small culture flasks of 50 mL and incubated for 6 days 

(exponential phase) at 20 °C, in an incubator equipped with white neon light tubes (illumination of 40 

μmol·photons·m-2·s-1), under 120 rpm agitation, with a photoperiod of 18 h light 6 h dark. Before AFM 

experiments, cells were harvested by centrifugation (3000 rpm, 3 min), washed two times in PBS at pH 

8, and immobilized on positively charged glass slides (Superfrost™ Plus adhesion, Epredia, USA), 

following the procedure described in 29. AFM experiments were performed in PBS buffer at pH 8 to 

mimic the culture medium pH at the end of the 6-days cultures used unless stated otherwise.   

Synthesis of PO-Chitosan. The PO-chitosan (N-octyl-chitosan derivatives) used in this study was 

synthesized using a reductive amination reaction as described in Demir-Yilmaz et al. 202320.  Briefly, high 

molecular weight chitosan (from shrimp, practical grade, ≥ 75% degree of deacetylation, Sigma-Aldrich 

reference C3646) was dissolved in 0.2M acetic acid (AcOH) and ethanol was added after complete 

dissolution. The pH was adjusted to 6 with NaOH to prevent macromolecule precipitation. Then, a 

solution of octanal in 40% ethanol was added to the chitosan solution using a 1:3 ratio prior to adding an 

excess of sodium cyanoborohydride (NaBH3CN). The acetylation degree of the resulting molecule was 

determined to be 12% using NMR spectroscopy as described elsewhere20. To perform experiments, PO-

chitosan was dissolved in water with overnight stirring and the addition of 2M acetic acid to decrease 

the pH. The complete dissolution of the PO-chitosan was measured as described in 20 using 

granulometry and turbidity measurements.  

Roughness analyses. High resolution (512 lines), 1 x 1 µm, images were recorded on top of cells using a 

Nanowizard IV AFM (Bruker, USA), in contact mode using MSCT cantilevers (Bruker, nominal spring 

constant of 0.01 N/m). For each condition, 12 cells coming from at least 2 independent cultures were 
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imaged using an applied force < 1 nN. For these experiments, the cantilevers spring constants were 

determined by the thermal noise method prior to imaging30. To determine the arithmetic average 

roughness (Ra), the height images recorded were treated using the Data Processing software (Bruker, 

USA).   

Nanomechanical analyses. Nanoindentation experiments were performed in force spectroscopy mode 

(applied force of 2.5 nN) with MSCT cantilevers (Bruker, nominal spring constant of 0.01 N/m). For each 

condition, 12 cells coming from at least 2 independent cultures were analyzed (approximately 400 force 

curves were recorded for each cell). Young’s moduli were then calculated from 50 nm long indentation 

curves using the Hertz model. In this model, the force F, the indentation (δ), and the Young’s modulus 

(Ym) follow equation 1, where α is the tip opening angle (17.5°), and υ the Poisson ratio (arbitrarily 

assumed to be 0.5). The cantilevers spring constants were determined by the thermal noise method 30. 

  
          

            
                 

Flocculation and flotation experiments. Flocculation jar tests were performed on mid-exponential 

phase culture with a biomass concentration of ∼0.3 g·L−1 (corresponding to an OD750 of ∼0.867–0.918). 

To a series of plastic jars (each containing 100 mL of culture), flocculant PO-chitosan was directly added 

to have a final concentration of 20, 25 and 30 mg/L. During addition of the flocculant, the culture 

suspensions were stirred at 200 rpm using a multi-position magnetic stirrer (IKA RO 15) for 20 minutes 

and left to settle for 30 minutes. 3.5 mL of sample was taken from the middle of the clarified suspension 

to measure OD750 and subsequently to determine the flocculation efficiency. 

Flotation experiments were performed in Platypus DAF jar tester (Aquagenics Pty Ltd, Australia), 

following a procedure described in 31. In summary, 1 L of cells at mid-exponential growth phase, with an 

initial OD750 of 1, was added to test jars. Water containing varying concentrations of PO-chitosan (30, 25, 

and 20 mg/L) was introduced into a pressurization tank and pressurized at 6 bars for 10 minutes. 

Following this, depressurization allowed for the injection of functionalized microbubbles into flotation 

beakers (with bubble volumes of 200, 350, and 500 mL), and 200 mL of algal suspension was sampled 

from the test jars to assess flotation efficiency. 

In both sets of experiments (flocculation and flotation), the optical density of the withdrawn microalgae 

suspension (ODf) was measured and compared with the initial optical density of the microalgae 

suspension before the experiments (ODi), while also factoring in the initial and final volumes (Vi and Vf). 

Flotation efficiency (E) was then determined using Equation 2. 

 
    

             

      
 

(2) 

Zeta Potential measurement. Aliquots from the clarified part of the suspension were taken as is and 

measured for their electrophoretic mobility with the Zetasizer Nano (Malvern, UK) with the DTS1070 

disposable cuvettes (Sysmex Europe, Germany). 

Hydrophobicity measurement with bubble probe method using FluidFM. Air-bubbles were formed 

using a Nanowizard IV AFM (Bruker, USA), equipped with FluidFM technology (Cytosurge AG, 
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Switzerland), following the same procedure described in Demir et al. 25,  in PBS buffer at pH 8. 

Interactions between these bubbles and single C. vulgaris strain F010102-A cells were recorded using an 

applied force of 1 nN, a z-range of up to 2 μm and a constant retraction speed up to 4 μm/s. The 

measurements were performed using 10 different cells coming from at least two independent cultures. 

Bubble functionalization. PO-chitosan functionalized bubbles were produced following the procedure 

described elsewhere20,25, using a 2 mg/L PO-chitosan solution. Interactions between PO-chitosan coated 

bubbles and single C. vulgaris strain F010102-A cells were recorded at pH 8 using an applied force of 1 

nN, a z-range of up to 2 μm and a constant retraction speed up to 2 μm/s. The measurements were 

performed using 8 different cells coming from at least two independent cultures. 

Single-cell force spectroscopy experiments.  Force spectroscopy experiments were conducted using a 

NanoWizard IV AFM (Bruker, USA), in PBS buffer, using triangular tipless NP-O10 probes (Bruker, USA, 

nominal spring constant of 0.06 N/m). AFM cantilevers were functionalized with single C. vulgaris strain 

F010102-A cells using the same procedure described in 19. The cell probes produced were then used to 

measure interactions with PO-chitosan and chitosan-functionalized glass slides. Both molecules were 

functionalized at the surface of glass-slides using spin-coating, according to procedures described in 19,20. 

Interactions between single C. vulgaris strain F010102-A cells and both initial chitosan (at pH 6) and PO-

chitosan (at pH 8) were recorded using an applied force of 1 nN, a z-range of up to 2 μm and a constant 

retraction speed comprised between 2.0 and 4 μm/s. The force curves acquired were treated using the 

Data Processing software provided by Bruker to obtain the maximum adhesion force on each retract 

curves. The measurements were performed using 8 different cells coming from at least two 

independent cultures. 

Isolation and ultrafiltration of extracellular soluble algal organic matter (AOM). AOM from exponential 

phase (day 6) culture of C. vulgaris strain F010102-A were isolated following the procedures described in 
32. Briefly, the extracellular soluble organic matter was separated from the culture by continuous 

centrifugation at 8000 rpm (FJ 130 EPR, Milky Day, Czech Republic). The supernatant obtained was 

centrifuged 3 to 4 times until it was free of cells. Thus, obtained cell/debris free culture supernatant is 

referred to as extracellular soluble algal organic matter (AOM). Ultrafiltration and diafiltration of 

isolated AOM were carried out using a tangential flow filtration system (ÄKTA flux 6, Cytiva) equipped 

with a Xampler hollowfiber cartridge (UFP-50-C-4X2MA, Cytiva) with a pore size of nominal molecular 

weight cut-off (NMWCO) of 50 kDa. Ultrafiltration was operated at constant transmembrane pressure 

(TMP) of 0.6 bar in retentate recycle mode to concentrate feed AOM solution ∼24 fold 33,34. Diafiltration 

was performed with distilled water till the permeate conductivity was reduced from an initial value of 

650 µS/cm to a final value of less than 20 µS/cm. Thus, obtained concentrated (ultra-filtered/dia-

filtered) AOM fraction larger than 50 kDa (hereafter referred to as AOM concentrate) was collected and 

lyophilized for 24 h at -40°C under 0.12 mbar vacuum pressure (CHRIST, ALPHA 1-2 LDPlus) resulting in 

lyophilized AOM concentrate yield of 0.12 g/L. The AOM concentrate was stored in the airtight vial at -

20°C until further use.  

AOM concentrate immobilization. AOM concentrate immobilization was performed using a previously 

described method 35. In short, 1 mL of AOM concentrate solution (24 mg/L) was deposited on 

polystyrene (PS) petri-dish and incubated for 4 days at 4°C to allow adsorption of AOM on the PS 
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surface. Before the experiments, the petri-dish was then incubated for 30 min in the room temperature 

to warm up. Then petri-dish was carefully washed with PBS buffer to remove non-attached AOM. These 

AOM surfaces were then used in force spectroscopy experiments to measure the interactions with clean 

bubbles formed as previously described.  

Statistical analysis. The experimental findings are presented as the mean ± standard deviation (SD) from 

a minimum of three replicates, with the specific number of replicates noted in the Results and 

Discussion section. Student's t-test was employed to evaluate differences in results for large samples, 

while the Mann-Whitney test was used for smaller samples (less than 20). Significance was determined 

at p < 0.05. 
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RESULTS AND DISCUSSION 

AFM characterization of the biophysical properties of C. vulgaris strain F010102-A cell surface 

The microalgae C. vulgaris strain F010102-A used in this study was isolated from the aquaculture 

station of Maffo, Contramaestre in Cuba. Because the CCAP strain used in our previous study was 

isolated in the Netherlands, it is likely that it will have different cell surface properties. Thus, in a first 

step, the surface properties of C. vulgaris strain F010102-A cells were characterized and compared with 

the CCAP strain for which the PO-chitosan functionalized bubbles flotation process was initially 

developed. The cell surface represents the interface with which bubbles will interact. For that, first, cells 

were imaged using AFM in quantitative imaging mode (QI), as shown in Figure 1a. As can be seen on the 

image, cells have a round shape, as expected, and do not show differences with the CCAP C. vulgaris 

strain used in our first study. We then took a closer look at the cell surface and conducted high 

resolution contact images on small areas on top of cells (1 µm x 1 µm). An example of such zoom-in 

height image is presented in Figure 1b. The cross section (Figure 1b) taking along the white line shows 

large and wide pattern between -5 to 15 nm on a large distance of 200 nm (Figure 1c), suggesting that 

the surface is rather rough. Hence, the average roughness Ra of the surface was quantified and showed 

that C. vulgaris strain F010102-A cells have an average roughness of 2.1 ± 0.5 nm (Table S1, the error 

corresponds to the standard error of the mean). The average roughness is slightly higher than the C. 

vulgaris CCAP cells (1.7 ± 0.9 nm) at the same pH of 819, but is not significantly different, indicating that 

the surface nanomorphology of both strains is similar.  

Although the cell surface structures may appear similar, variations in cell wall composition and 

architecture, specifically how different components are arranged within the cell wall, can result in 

differing nanomechanical properties. Thus, the Young’s modulus (Ym) of the microalgae cell wall was 

determined through nanoindentation measurements performed on areas of 1 µm × 1 µm on top of cells.  

Figure 1d shows the distribution of Ym values obtained on 12 cells (coming from 2 independent cultures, 

n = 4749 force curves) showing that the average Ym is 1488.9 ± 408.8 kPa (full data are presented in 

Table S1, the error corresponds to the standard error of the mean). Compared to the C. vulgaris CCAP 

strain for which the average Ym was of  981.6 ± 554.4 kPa at the same pH of 819, this value is significantly 

higher, meaning that C. vulgaris strain F010102-A cells are thus more rigid, which could be due to a 

different cell wall organization, or a different cell wall composition36.  

Lastly, the hydrophobic properties of C. vulgaris strain F010102-A cells were evaluated. For that, 

the bubble probe method developed in our team25 was employed. This technique involves using FluidFM 

to create a bubble at the opening of a microfluidic cantilever and probing the interactions between this 

bubble, a hydrophobic interface in water, and cells immobilized on a surface (Figure 1e). The distribution 

of the adhesion forces obtained is presented in Figure 1f. On all cells probed, the retract force curves 

recorded do not show any adhesions at pH 8 (inset on Figure 1f), meaning that there are no interactions 

at all between cells and the bubble probe, and that the cell surface is completely hydrophilic. In the case 

of the CCAP strain, at the same pH, the force curves recorded with clean bubbles showed adhesions with 

an average force of 1.3 ± 0.6 nN (Figure S1), showing that cells had hydrophobic properties at this pH.  

To conclude, these AFM experiments showed that cells of the strain F010102-A have a similar 

cell surface structure compared to the CCAP strain cells, illustrated by a similar roughness recorded. 

However, despite this similar structure, the nanomechanical measurements performed showed that the 
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two strains have a different cell wall composition and/or architecture, with strain F010102-A cells being 

significantly more rigid. Finally, the measurement of the hydrophobic properties of cells showed that at 

a pH of 8, cells of the strain F010102-A are completely hydrophilic, while it was not the case with cells of 

the CCAP strain. This difference further confirms that the two strains have most likely a different cell 

wall composition, but is also an important point as because of this, cells of the strain F010102-A will not 

be able to establish hydrophobic interactions with PO-chitosan used either as a flocculant or on bubble 

surface. Yet, for the CCAP strain, we had shown in our previous study that it was thanks to hydrophobic 

interactions that cells could interact with the molecule, thus enabling their separation at the population 

scale.  

Figure 1: Biophysical properties of C. vulgaris strain F010102-A cell surface. a) AFM height image of a 
whole cell immobilized on a positively-charged surface. b) AFM height image recorded on an area of 1 
µm x 1 µm on top of a cell. c) Cross-section taken along the white line in b. d) Histogram showing the 
distribution of Young modulus values for 12 cells. e) Schematic representation of hydrophobicity 
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measurements performed with the bubble probe method. f) Adhesion force histogram obtained between 
bubble and C. vulgaris strain F010102-A cells. 

PO-functionalized bubbles interact with cells through a different adhesion mechanism  

In a next step, we then assessed if the hydrophilic character of the C. vulgaris strain F010102-A 

cells could prevent them from interacting with PO-chitosan functionalized bubbles. For that we used 

FluidFM to produce functionalized bubbles with PO-chitosan (2 mg/L) and probe their interactions with 

individual cells (Figure 2a). When performing these experiments with cells of the strain F010102-A, the 

obtained retract force curves show multiple binding events (inset in Figure 2b) with an average adhesion 

force of 316.9 ± 215.9 pN (n = 2810 force curves from 8 cells coming from 2 independent cultures). The 

range of adhesion forces (Figure 2b) and the observed force patterns align with the unfolding of 

elongated macromolecules from the surface of the cell37,38. Here note that a large standard deviation 

resulting from the wide distribution of the adhesion values can be observed, which is caused by the 

heterogeneity of the living cells. These results indicate that C. vulgaris strain F010102-A cells are able to 

interact with bubbles when they are functionalized with PO-chitosan while it was not the case with clean 

bubbles, indicating that the flotation process might be efficient to harvest cells at the population scale.  

In our previous study in the case of the CCAP strain, the interactions with functionalized bubbles 

resulted in much higher adhesion forces (13 nN), and no molecular unfoldings were observed on the 

force curves, only one peak at the contact point resulting from the dominant hydrophobic interaction 

between cells and bubbles20. To understand the differences between the two C. vulgaris strains, it is 

important to understand what part of the PO-chitosan molecule is exposed at the surface of bubbles. 

Basically, surfactants like PO-chitosan are absorbed on the bubble surface in a way that hydrophobic 

parts of the molecule stay inside of the bubble whereas the hydrophilic chitosan backbone is exposed on 

the bubble surface, as shown in Figure 2c. Since cells of the strain F010102-A cannot establish a 

hydrophobic interaction with the bubble as they are hydrophilic, the unfoldings that we observe on the 

force curves most likely result from the interaction between the cell surface and the chitosan backbone 

at the surface of bubbles. If we compare these results to the ones obtained when probing the 

interactions between strain CCAP cells and chitosan surfaces19, the unfoldings patterns are similar, as 

well as the adhesion forces obtained (around 300 pN), indicating that most likely a similar specific 

interaction takes place here. Interestingly, a repulsion between the cell and the clean bubble surface can 

be directly observed on the approach curves obtained, starting at a distance of approximately 200 nm 

(Figure 2d). This can be explained by the fact that both cells (zeta potential of -41.32 1.39 mV) and 

clean bubbles are negatively-charged in water39. However when bubbles are functionalized, this 

repulsion is not visible anymore, indicating that most probably the charge of the bubble has changed 

with the presence of the chitosan backbone at its surface, which should be positively-charged at the pH 

considered (zeta potential of + 10 mV40).  
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Figure 2. Modulation of bubble cell interaction with PO-chitosan functionalize bubble. a) Schematic 
representation of the force spectroscopy experiments performed. b) histogram showing the distribution 
of the adhesion values obtained at pH 8. c) Schematic representation of the organization of PO-chitosan 
molecules at the surface of bubbles. d) Representative force curves obtained for PO-chitosan coated 
bubble-cells and clean bubble-cell interactions at pH 8.  

Subsequently, single-cell force spectroscopy experiments were performed to validate that the 

cell surface of the C. vulgaris strain F010102-A interacts through specific interactions with the chitosan 

backbone of PO-chitosan present at the surface of bubbles. In these experiments, individual cells are 

attached to tipless cantilevers and used to probe the interactions with surfaces coated with chitosan 

(Figure S2) which mimic the surface of the PO-chitosan functionalized bubbles. Note that in this case, 

the experiments were performed at a pH of 6 as chitosan precipitates at higher pH19,40. The retract force 

curves obtained show this case multiple binding events reflecting unfolding of long macromolecules 

from the cell wall with an average adhesion force of 0.4 ± 0.2 nN. These unfoldings are similar to those 

obtained when cells interact with the surface of PO-chitosan functionalized bubbles (Figure 2b), with 

adhesion forces in the same range. These results thus confirm our hypothesis that cells interact 

specifically with the chitosan backbone present on functionalized bubbles surfaces.  

PO-chitosan functionalized bubbles flotation process is efficient despite low adhesions forces between 

cells and bubbles.   

The previous results allowed to understand that C. vulgaris strain F010102-A cells interact with 

PO-chitosan functionalized bubbles through specific interactions with the chitosan backbone exposed at 

the surface of bubbles. In our previous study, adhesion forces between the CCAP strain and 

functionalized bubbles were of 12.8 nN, which resulted in a separation efficiency of approximately 60 %. 

Here the mean adhesion forces recorded are approximately of 350 pN; the next question that thus 
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arises is to know whether these comparatively low-force adhesions are sufficient to promote an efficient 

capture of the cells by the functionalized bubbles during the flotation process. To answer this question, 

we next performed flotation experiments with functionalized bubbles; figure 3a shows the schematic 

representation of this flotation process. Twenty minutes after the cells and bubbles attained the surface, 

macroscopic optical images were taken in order to first evaluate if there is indeed an interaction 

between the functionalized bubbles and the cells. As it can be observed on Figure 3a, cells directly 

aggregate around bubbles without the need of a prior flocculation step.  

Then, optimization of the flotation process was conducted by varying first the ratio of the 

bubble volume and cells. For that, three different white water volumes (200, 350 and 500 mL) were 

tested while keeping the cell suspension volume constant of 1 L. Increasing the white water volume is 

proportional to the bubbles surface area that can interact with the cells. The results obtained are 

presented in Figure 3b. On this bar chart, light green bars correspond to the control experiment (clean 

bubble) and dark green bars correspond to the PO-chitosan coated bubble (25 mg/L). Using clean 

bubbles, regardless of the bubble volume used, the separation efficiency is around 0 %, which was 

expected since we showed that clean bubbles do not interact with cells at all (Figure 1f), and even have 

a repulsive interaction (Figure 2d). However, the separation efficiencies obtained with PO-chitosan 

bubbles at a concentration of 25 mg/L (concentration that gave the best results in the case of C. vulgaris 

CCAP) increased to 68.6 ± 2.1 %, 84.1 ± 1.1% and 84.8 ± 0.8%, with 200, 350 and 500 mL white water 

volume, respectively. Basically, for a low bubble volume of 200 mL, lower separation efficiencies are 

obtained probably because the surface area of the bubbles is not large enough both for the cell surface 

and for the quantity of PO-chitosan present in the solution. For the higher bubble volumes, higher 

separation efficiencies were obtained, of approximately 84% in both cases. The 350 mL white water 

volume was chosen for the rest of the experiments since it achieves equivalent separation with lower 

water footprint.  

Secondly, the influence of the PO-chitosan concentration used on the flotation efficiency was 

evaluated. For that we selected 3 different concentrations, 20, 25 and 30 mg/L of PO-chitosan with 350 

mL white water volume, which resulted in separation efficiencies of 72.1 ± 0.8% , 84.1 ± 1.1% and 60.9 ± 

4.5%, respectively (Figure 3c). Indeed, at low concentration, the quantity of PO-chitosan is not enough 

to cover the surface of bubbles, which results in decreased separation efficiency. An elevated 

concentration of 30 mg/L of PO-chitosan surpassed the bubble capacity, potentially leading to excess 

PO-chitosan molecules in the suspension. This saturation could hinder bubble-cell interactions, impeding 

effective flotation. In comparison, separation efficiencies obtained for the CCAP strain were 

approximately of 60%, so 1.4 times lower than the current strain using the same PO-chitosan 

concentration (25 mg/L) with a higher of bubble/cell volume ratio (50 mL of bubbles for 100 mL of cells), 

showing the superior efficiency of the one-step flotation process with the current strain.  

To further understand these results, we then checked the zeta potential of the clarified 

suspensions (below the cake, see Figure S3), when clean bubbles and PO-chitosan functionalized 

bubbles (at the different concentrations tested, bubble volume of 350 mL) were used. These samples 

contain the unharvested cells along with their excreted organic matter, and possibly also free PO-

chitosan molecules released in the solution by bubbles bursting at the surface of the suspension. For 

clean bubbles, the suspension is negatively charged with a zeta potential value of -41.4 ± 0.5 (Figure 3d), 

which would correspond to the zeta potential of all the cells (and of their excreted organic material) still 

in solution after flotation. Once the bubbles are coated with PO-chitosan, the global charge of the 
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solution shifts and becomes positive for all concentrations of PO-chitosan, with the highest value of 13.2 

± 3.8 mV obtained for a concentration of 25 mg/mL. In this case, as a large majority of cells have been 

removed, this value can be attributed to the residual PO-chitosan in the solution or to remaining cells 

perhaps coated with PO-chitosan. While the differences between the three concentrations tested are 

not significantly different, we can still observe that lower separation efficiencies correspond to a lower 

zeta potential that could be due to the presence of more negatively-charged cells in the solution after 

flotation. Altogether, these experiments then further prove that the separation efficiencies obtained 

with PO-chitosan bubbles are indeed due to the presence of the molecule on the surface of bubbles that 

allows the capture of the cells in the suspension.  

 

Figure 3: Flotation experiments of C. vulgaris strain F010102-A with PO-chitosan coated-bubble. a) 
Schematic representation of one-step flotation experiments and resulting optical images obtained from 
the top of the jar. b) Flotation efficiency of strain F010102-A cells with 25 mg/L PO-chitosan coated 
bubble with varying bubble volumes at no pH arrangement condition. Light green bars correspond to the 
control condition with clean bubbles, and dark green bars correspond to the test conditions with bubbles 
coated with PO-chitosan. c) Flotation efficiency of strain F010102-A cells at no pH arrangement condition 
with different PO-chitosan concentration of 20, 25 and 30 mg/L. d) corresponding zeta potential 
measurements of the suspension after flotation with clean bubble and PO-chitosan coated bubble at 
different concentrations and for a bubble volume of 350 mL. 

These flotation results, while being very satisfactory, are also unexpected because of, as 

mentioned earlier, the low level of forces recorded in the case of the strain F010102-A cells with PO-

functionalized bubbles. Compared to the CCAP strain, where much higher forces resulted in a maximum 

separation efficiency of 60%, it would have been expected here to obtain lower separation rates. Thus, 

another parameter must be involved, not present in the case of the CCAP strain. Such parameter could 

be the presence of AOM, i. e. a complex mixture of mostly exopolysaccharides and proteins that can be 

produced by cells during culture41. For instance, the team of Henderson hypothesized that the 
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separation efficiencies obtained using the PosiDAF process where bubbles are functionalized with 

positively-charged polymers, were influenced by AOM, which production and composition varies 

depending on the species considered42. To investigate this hypothesis, researchers eliminated AOM 

from the cell culture and performed flotation experiments using positively charged bubbles, revealing 

decreased separation efficiencies across all species. Moreover, substituting the AOM from a low-

efficiency strain with that of a high-efficiency strain significantly enhanced separation efficiency, 

demonstrating the critical role of AOM in facilitating cell attachment to bubble surfaces42. These findings 

underscored the importance of AOM composition as a determining factor in bubble attachment. In our 

previous study, the removal of AOM from cells did not result in significant differences in the separation 

efficiencies obtained20, most probably because the composition of the AOM excreted by the C. vulgaris 

strain CCAP could not mediate an attachment to the chitosan present at the surface of bubbles. To 

evaluate the potential role of AOM in the flotation of the strain F010102-A, we thus repeated the 

flotation experiments with the PO-chitosan bubbles with washed cells, for which AOM was removed. 

Note that in this case, we used a PO-chitosan concentration of 10 mg/mL to account for the lower 

concentration of cellular material in this case due to the removal of AOM. The separation efficiency 

decreased from 84.1 ± 1.1 % with AOM (Figure 3b and c) to 34.1% with washed cells, and the zeta 

potential of the cleared solution was of 15 ± 2.44 mV. This result suggests first that AOM is needed to 

promote the capture of cells by the functionalized bubbles, and second, that the AOM of the C. vulgaris 

strain F010102-A does interact with the chitosan at the surface of bubbles. Indeed, because the zeta 

potential is rather high although more cells remain in the solution, this means that a lot of bubbles rise 

without interacting with cells, burst at the surface, releasing the PO-chitosan in the underneath 

suspension, providing a global positive charge to the solution. Thus, this further comforts the hypothesis 

that AOM is an important factor in the interaction with PO-functionalized bubbles. Moreover, it is also in 

agreement with the results obtained by Henderson's team, but is also consistent with the low level of 

adhesion recorded between the cells and the functionalized bubbles (Figure 2b), which initially led to 

the assumption that lower separation efficiencies would be obtained than for the CCAP strain.  

To prove this hypothesis and show the potential role of AOM in the attachment to bubbles, we 

then probed the interactions directly between isolated AOM and bubbles. For this, AOM was isolated 

from the culture medium of 6-days old cultures (mid-exponential phase) and immobilized on petri 

dishes. First of all, to verify the efficiency of this immobilization method and to verify the stability of 

AOM, we first recorded images of AOM using AFM in Quantitative Imaging mode. A 3D AFM height 

image of isolated AOM is presented in Figure 4a, and shows that the samples are indeed well 

immobilized on the surface, making it possible to probe their interactions with bubbles. For this, first, 

the interaction between clean bubbles and AOM were measured in force spectroscopy experiments. The 

results obtained (Figure 4b) show that AOM interacts with the bubble with multiple unbinding events 

visible on the retract force curves obtained. These unfoldings are associated to a maximum average 

adhesion force of 1.3 ± 0.6 nN (histogram in Figure 4b) and could be due to electrostatic interactions 

(bubble surface is negatively charged in water) between the bubbles and positive charges that may be 

present on AOM given its complex nature. To prove that these unfoldings do not simply come from the 

detachment of AOM from the surface they are immobilized on upon touching with the bubble probe, we 

also conducted control experiments where we measured first the interactions between AOM and the 

FluidFM probe without bubble (Figure S4a), and second the interactions between the FluidFM probe 

with no bubble and the petri-dish surface without AOM immobilized (Figure S4b). In the first case (AOM 

- FluidFM probe interactions), almost half of the retract force curves obtained present no retract peak 
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(inset in Figure S4a) and the ones that show interaction are lower in range (0.2 ± 0.2 nN) compared to 

the bubble-AOM interaction. Moreover, force signatures that are obtained are also different: in the case 

of FluidFM probe-AOM interaction, no multiple unbinding events were observed compared to AOM-

bubble interactions (inset in Figure 4b). In the case of FluidFM cantilever and petri-dish interactions, 

force curves show a single peak happening at the contact point with an adhesion value of 66.3 ± 0.7 nN, 

typical of a hydrophobic interaction (Figure S4b). These additional experiments, together with the height 

image that could be generated of the AOM (Figure 4a) thus prove that AOM was correctly immobilized 

on the surface with the procedure used, allowing to confirm that indeed clean bubbles interact with 

AOM. But if these interactions between clean bubbles and cells were sufficient, separation would occur 

in flotation process with clean bubbles. Yet again, this is not the case, meaning that the functionalization 

of bubbles is essential to obtain an efficient separation of cells at the population scale. Moreover, as 

showed by measurements in Figure 3d, after flotation with clean bubbles (no separation at all), the 

remaining solution thus containing all the cells, is negative. Therefore, even if AOM interacts with 

bubbles in this case, because of the strong repulsion between cells and clean bubbles (Figure 1f), AOM 

might be in fact the only component removed from the water. To further understand if AOM plays a role 

in the flotation with functionalized bubbles, we then coated the bubble surface with PO-chitosan and 

directly measured their interaction with AOM. The results obtained are presented in Figure 4c, and show 

that AOM interacts with the PO-chitosan coated bubbles with multiple unbinding events visible on the 

retract force curves, most probably resulting this time from a specific interaction between the chitosan 

backbone at the surface of bubbles and polymers present in the AOM. These unfoldings are associated 

to an average adhesion force of 3.2 ± 0.1 nN, which represents a 2.5-fold increase compared to the force 

obtained with clean bubbles. These measurements thus prove that PO-chitosan bubbles are interacting 

not only with cells, but also with the AOM that cells produce. And as it was previously showed, AOM is a 

gel-like structure that bridges that can bridge cells together43. Further AFM imaging with unwashed cells 

(no AOM removal) in the case of this study was also performed, revealing indeed the formation of 

bridges arounds cells by the AOM present around them (Figure S5).  Thus here, the following hypothesis 

can be formulated to explain the flotation results obtained. Indeed, while cells interact with PO-

chitosan-bubbles with a low force level (300 pN), the AOM they produce can promote a much better 

attachment to bubbles (adhesion force increased by a factor of 10). And because AOM can also bridge 

the cells together, it acts as a carrier, resulting in high separation efficiency.  
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Figure 4. Interaction between single bubble and AOM. a) 3D height images of AOM immobilized on 

petri dish (color-scale=3 µm, image of 25 x 25 µm). Schematic representation of the measurements 

performed and histogram showing the distributions of the adhesion forces recorded between b) clean 

bubbles and AOM immobilized on petri-dish surfaces and c) PO-chitosan coated bubble and AOM 

immobilized on petri-dish surfaces. 

PO-chitosan is an efficient flocculant at any pH for C. vulgaris strain F010102-A cells  

With the comprehension of cell-PO-chitosan interactions in place, the final phase of this study 

involves evaluating the potential efficiency of this molecule as a flocculant. Contrary to the CCAP strain, 

the interactions between PO-chitosan and cells do not depend on hydrophobic interactions, but rather 

on specific ones, as explained before. However, what is important is that for the CCAP strain, the 

interaction was dependent on the pH because both the hydrophobicity of the cells surface and of the 

PO-chitosan molecule itself were also dependent on the pH. Yet, for the strain F010102-A cells, since the 

adhesion mechanism to PO-chitosan is different, based on specific interactions between the chitosan 

backbone of the molecules and cells, then it may be possible to get rid of the pH-dependency. To verify 

this point, we performed flocculation experiments with the C. vulgaris strain F010102-A cells using 
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different PO-chitosan concentrations at different pH values. The results are presented in Figure 5. 

Initially, the impact of varying PO-chitosan concentrations on flocculation was examined without 

altering the pH of the cell suspensions (measured at 8.2); the results are presented in Figure 5b. The 

flocculation efficiencies were of 0.0 ± 0.0 %, 94.9 ± 3.7 %, 98.4 ± 0.7% and 97.6 ± 0.9 % at PO-chitosan 

concentration of 0, 20,25 and 30 mg/L respectively. While all concentrations resulted in high separation 

rates, the highest flocculation efficiency of 98.4 ± 0.7 % was reached for 25 mg/L of PO-chitosan 

concentration which was chosen for the rest of the study. For C. vulgaris CCAP strain, the maximum 

flocculation efficiency was reached at a concentration of 30 mg/L of PO-chitosan, which is thus 

consistent 20. However in that case, the flocculation efficiency decreased at higher pH (9), as both cells 

(C. vulgaris CCAP strain) and PO-chitosan were hydrophilic. Thus, in the next step, the effect of pH was 

investigated on PO-chitosan meditated flocculation with an optimized PO-chitosan concentration of 25 

mg/L. The results obtained at pH 6, 7.4, 9 or at a non-adjusted pH (n.a.) conditions (ranging between 8 

and 8.5) are presented in Figure 5c. At all pH values considered, the flocculation efficiencies are high; 

97.7 ± 0.3 %, 95.5 ± 0.8 %, 98.0 ± 2.0 % and 98.4 ± 0.7 % at pH 6, 7.4, 9 and no arrangement (n.a.), 

respectively. This shows that PO-chitosan is efficient to flocculate strain F010102-A cells regardless of 

the pH.  

 

Figure 5. PO-chitosan mediated flocculation experiments with C. vulgaris strain F010102-A cells a) 
Schematic representation of flocculation experiments. b) Flocculation efficiency with varying PO-chitosan 
concentrations of 0, 20, 25 and 30 mg/L at no pH arrangement condition. c) Flocculation efficiency of C. 
vulgaris strain F010102-A with 25 mg/L of PO-chitosan with varying pH. 
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Chitosan, increasingly utilized as a bio-based alternative to synthetic flocculants in wastewater 

treatment, is gaining popularity16. While effective in harvesting freshwater microalgae by generating 

large flocs at low doses (10-20 mg/L), chitosan necessitates a low pH to achieve higher separation 

yields44,45,40,19,20.  For example, once the pH is increased from 6 to 7, which modifies the charge of 

chitosan (as the pKa of chitosan is 6.5), the required dose for maximum efficiency is increased. This is 

the case for example for the freshwater species Chlorella sorokiniana, where the chitosan dosage has to 

be increased from 5 to 10 mg/L with increasing pH 46, but it is also the case for C. vulgaris CCAP strain. In 

fact in this case, the adhesion mechanism between cells and chitosan is different depending on the pH; 

while at pH 6 it is based on specific interactions between chitosan and the cell wall of cells, at higher pH, 

chitosan precipitates and flocculates the cells through a sweeping mechanism, requiring in this case a 

higher dose of chitosan to induce a large enough precipitate to entrap all the cells present in the 

suspension 19. For this species, PO-chitosan was already an interesting alternative, allowing to flocculate 

cells in wider pH ranges as long as both PO-chitosan and cell (C. vulgaris CCAP strain) were both 

hydrophobic (until pH 7.4, as detailed in 20). But with the strain considered here, this hydrophobicity 

requirement is alleviated, and because PO-chitosan molecule does not precipitate at high pH like 

chitosan, then its use can be widened to any pH values. This is an important advantage as adjusting the 

pH of a microalgae culture at large scale can involve large amounts of acid and important mixing times.  

 

CONCLUSIONS 

In a previous study, our group had showed that an amphiphilic derivative of chitosan, PO-

chitosan, could interact with C. vulgaris strain CCAP cells through hydrophobic interactions, allowing to 

separate cells efficiently using this molecule either as a flocculant or as a surfactant in flotation. Here in 

this work, we use a different C. vulgaris strain to evaluate if PO-chitosan could also be efficient to 

harvest cells with different cell surface properties. The first part of the work consisted in characterizing 

the surface properties of this new strain using AFM, which showed that cells of the strain F010102-A 

were indeed different, with a different cell wall composition as illustrated by nanomechanical 

properties. Yet the most important difference was the fact that cells are completely hydrophilic, raising 

the question if they would be able to interact with PO-chitosan at all. Force spectroscopy experiments 

then showed that despite being completely hydrophilic, C. vulgaris strain F010102-A cells were still able 

to interact with PO-chitosan bubbles through specific interactions and that no hydrophobic interactions 

was taking place in this case.  However, adhesion force levels were rather low compared to those 

obtained with the CCAP strain (350 pN vs 13 nN), yet, flotation with functionalized bubbles resulted in 

better separation efficiencies, of 84% compared to 60% for the CCAP strain. To understand this, we 

investigated the role of AOM, and found that for strain F010102-A, the AOM produced during culture is 

in fact capable of interacting with PO-chitosan functionalized bubbles, and that removing it from the 

culture medium resulted in poor separation efficiencies. Thus, AOM in the experimental conditions used 

in this study could interact with the functionalized bubbles and act as a carrier by bridging the cells 

together during the flotation process. In addition, we found that because the interactions between PO-

chitosan do not rely on hydrophobic interactions but rather on specific ones unlike for the CCAP strain, 

high separation efficiencies can also be achieved when using PO-chitosan as a flocculant independently 

of the pH, enlarging in a great manner the possible usage of this molecule. Altogether, these results 

show that despite different cell surface properties, flotation separation with functionalized bubbles can 

still be effective by relying on another mechanism. This shows the potential of this approach, which 
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could perhaps be used for other microalgae species, where different adhesion mechanisms could take 

place.  
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