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Networking the desert plant microbiome, 
bacterial and fungal symbionts structure 
and assortativity in co-occurrence networks
Kenji Maurice1*  , Liam Laurent‑Webb2, Amélia Bourceret2, Stéphane Boivin3, Hassan Boukcim3,4, 
Marc‑André Selosse2,5,6 and Marc Ducousso1 

Abstract 

In nature, microbes do not thrive in seclusion but are involved in complex interactions within‑ and between‑microbial 
kingdoms. Among these, symbiotic associations with mycorrhizal fungi and nitrogen‑fixing bacteria are namely 
known to improve plant health, while providing resources to benefit other microbial members. Yet, it is not clear 
how these microbial symbionts interact with each other or how they impact the microbiota network architecture. We 
used an extensive co‑occurrence network analysis, including rhizosphere and roots samples from six plant species 
in a natural desert in AlUla region (Kingdom of Saudi Arabia) and described how these symbionts were structured 
within the plant microbiota network. We found that the plant species was a significant driver of its microbiota com‑
position and also of the specificity of its interactions in networks at the microbial taxa level. Despite this specificity, 
a motif was conserved across all networks, i.e., mycorrhizal fungi highly covaried with other mycorrhizal fungi, espe‑
cially in plant roots—this pattern is known as assortativity. This structural property might reflect their ecological niche 
preference or their ability to opportunistically colonize roots of plant species considered non symbiotic e.g., H. salicor-
nicum, an Amaranthaceae. Furthermore, these results are consistent with previous findings regarding the architecture 
of the gut microbiome network, where a high level of assortativity at the level of bacterial and fungal orders was 
also identified, suggesting the existence of general rules of microbiome assembly. Otherwise, the bacterial symbionts 
Rhizobiales and Frankiales covaried with other bacterial and fungal members, and were highly structural to the intra‑ 
and inter‑kingdom networks. Our extensive co‑occurrence network analysis of plant microbiota and study of sym‑
biont assortativity, provided further evidence on the importance of bacterial and fungal symbionts in structuring 
the global plant microbiota network.
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Introduction
Plants have a long history of interactions with microor-
ganisms due to their intimate relationships with micro-
bial communities such as bacteria and fungi since their 
emergence from aquatic ecosystems ~ 450 million years 
ago [1]. Soil microorganisms can be internalized or 
attached to the roots (endophytic or epiphytic communi-
ties), or located in their vicinity, the rhizosphere. These 
microorganisms are collectively referred to as microbi-
ota [2], which play an important role in plant health [3]. 
Among their numerous associations, mutualistic symbi-
oses, such as those involving nitrogen-fixing bacteria and 
mycorrhizal fungi, are the most widespread in the plant 
kingdom [4], and are also best known to have a seminal 
impact on plant survival and development [5]. These 
microbial symbionts differ in their life history strategies 
[6] and use the common symbiotic pathway to infect 
plants—initially programmed for the arbuscular mycor-
rhiza symbiosis—and thus share a long history of coevo-
lution [7]. Mycorrhizae and nitrogen-fixing bacteria are 
mainly deterministically associated with their host, with 
the plant’s phylogeny partly dictating the root coloniza-
tion by these symbionts [4, 8]. The soil microbiota assem-
bly is to a larger extent driven by deterministic (e.g., host 
selection, environmental filtering) and neutral processes 
(e.g., birth, death, and dispersion of microorganisms) [9, 
10]. Niche preference—driven by selective pressures—is 
known to be influenced by environmental conditions. 
Factors such as land use, pH, salinity and nutrient con-
tent jointly shape the soil and plant microbiota com-
position [11–14]. Current research has also shed light 
on the importance of biotic interactions between plant 
hosts and their microbiota, and also within microbiota, 
as a driving force of microbiota assembly, and by exten-
sion of their host’s fitness [15, 16]. This led to the holobi-
ont concept, whereby selective forces are not limited to 
host-microbiome interactions but also encompass those 
within microbiota [17, 18]. For example, tripartite inter-
actions commonly occur within microorganisms and 
plants, where mycorrhiza helper bacteria are known to 
interact with mycorrhiza, thus modulating plant mycor-
rhizal colonization success [19, 20]. Conversely, mycor-
rhizal fungi have also been found to promote nodulation 
in some cases, where M. truncatula nodulation could 
be improved by AMF symbiosis [21]. In another in vitro 
study, AMF were found to improve nodulation of Lotus 
japonicus by Mesorhizobium loti [22], confirming the 
importance of beneficial inter-kingdom interactions 
of symbionts. Plant symbiotic types have to a greater 
extent been shown to affect the differentially abun-
dant plant root microbiota or symbiotype [23]. Using 
17 greenhouse-grown plant species, including species 
symbiotically associated with AMF, rhizobia, AMF and 

rhizobia or non-symbiotic, Hartman et  al. [23], showed 
that symbiotic taxa impacted the overall root microbiota 
assemblage. Relative abundance of Acidobacteria, Act-
inobacteria, Chlamydae and Verrucomicrobia were found 
to be impacted by the fungal symbionts’ presence, while 
no fungi were found to be affected, hence supporting the 
possible inter-kingdom dependency of bacterial taxa. 
There are thus intricate relationships between what has 
been referred to as ‘primary symbionts’ i.e. which form 
symbiotic organs with the host plant (e.g., AMF, rhizobia) 
and the extended microbiota, whereby their mutual influ-
ence could modulate the successful establishment of bac-
terial or mycorrhizal symbiosis with plants.

In natural environments, particularly those subject to 
strong abiotic constraints, presence of microbial symbi-
onts can be critical to the establishment and survival of 
plants as they forage for water and nutrients [24–26]. 
Symbionts also improve the health status and resist-
ance of plants to drought [27–29]. This is particularly 
true in desert ecosystems that are subject to high abi-
otic constraints such as low precipitation and poor soil 
nutrient content. Plants are thus spatially segregated in 
a discrete so-called fertility island pattern, while form-
ing refuge niches that increase the microbial diversity 
and abundance [30, 31]. As a consequence of the harsh 
abiotic constraints, plant–microbe positive interactions 
may be strengthened in arid desert environments (e.g., 
according to the stress gradient hypothesis for exam-
ple [32]), through nutritional dependencies, cross-feed-
ing, resource and niche competition, and metabolite 
exchange [17, 33]. Plants in desert environments thus 
constitute a unique model for studying microbial interac-
tions, and for assessing the extent to which bacterial and 
fungal symbionts are central members in the plant micro-
biome. Deserts also constitute a major gap of knowledge 
for the understanding of the global terrestrial microbi-
ome [34], an issue that should now be addressed consid-
ering the importance of desert ecosystems and their high 
vulnerability to climate change [35, 36]. Although these 
environments have long been considered to host scant 
biodiversity and provide few ecosystem services, it is now 
recognized that they contain up to 25% of global organic 
carbon [37] while hosting a high proportion of the global 
floristic diversity, with xeric shrubland plant diversity 
sometimes exceeding that of other biomes [38].

We are now aware that host plant species have an effect 
on their associated microbiomes [39], but research car-
ried out in natural environments, particularly in hot 
deserts, still needs to be further investigated.We there-
fore conducted a study to assess whether the type of 
plant symbiosis modulates the co-occurrence of fungal 
and bacterial symbionts and of the extended microbiota, 
as well as their inter-kingdom interactions. We sought 
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to clarify the impact of symbionts in root and rhizos-
phere microbiota networks, by studying their conditional 
dependence using an extensive co-occurrence approach 
based on covariance relationships. Co-occurrence rela-
tionships do not necessarily support biotic interactions 
[40], but they provide a valuable tool for studying global 
covariance relationships within omics datasets [41], as 
covariance relationships might reflect ecological pro-
cesses shaping the microbiome. This study was designed 
to determine whether the presence of microbial symbi-
ont in plants affect the co-occurrence relationships of its 
microbiome. We more specifically focused on assessing 
whether fungal symbionts—namely AMF, ectendomy-
corrhizal fungi (EMF) and to a lesser extent dark sep-
tate endophytes—and bacterial symbionts Rhizobiales 
and Frankiales co-vary with the extended microbiome 
through both intra- and inter-kingdoms relationships and 
if their topology differs from other taxa. Herein, we stud-
ied six plant species with supposed contrasted symbiotic 
lifestyles and belonging to four families: the Fabaceae 
(Retama raetam Forssk. Webb & Berthel. and Astragalus 
spinosus Forssk. Muschl.), Amaranthaceae (Haloxylon 
persicum Bunge and Haloxylon salicornicum Moq. Bunge 
ex Boiss.), Poaceae (Stipagrostis plumosa L. Munro ex T. 
Anderson) and Cistaceae (Helianthemum lippii L. Dum.
Cours.) in a highly constrained hot arid desert in Saudi 
Arabia. We sampled the roots and rhizosphere of each 
species during two seasons and profiled the bacterial 
and fungal microbiota using amplicon sequencing. We 
hypothesized that: (i) plant species have a major effect 
on the microbial community composition and they con-
strain covariance relationships between symbiont taxa, 
(ii) in networks, symbionts have a modular structure 
differing from that of other trophic modes considering 
their importance in plant life, and (iii) inter- and intra-
kingdom covariance relationships of symbiotic taxa have 
distinct structures.

Material and methods
Sample collection
In the hot and arid desert conditions that prevail in the 
AlUla region (Medina province, Saudi Arabia Kingdom), 
six plant species were sampled in natural environments 

during the two studied seasons (summer in August 2021 
and spring in March 2022). Samples were collected at 
five sites in the Sharaan Nature Reserve and in a natural 
environment close to AlUla city. Two Fabaceae species, 
Astragalus spinosus (Site 1, Site 2) and Retama raetam 
(Site 5), were chosen as nitrogen-fixing species associated 
with Rhizobiaceae [42]. Stipagrostis plumosa (Poaceae; 
Site 6) was chosen as an arbuscular mycorrhizal (AM) 
species [43]. Helianthemum lippii (Site 1, Site 2) was 
chosen as an ectendomycorrhizal species that is known 
to be associated with both Glomus spp. and Pezizaceae 
mycorrhizal fungi [44, 45]. Finally, two supposedly non-
symbiotic (i.e., that do not have a symbiotic relationship 
with Rhizobiaceae or mycorrhizal fungi) Amaranthaceae 
species were sampled, Haloxylon persicum (Site 3) and 
Haloxylon salicornicum (Site 4), (Fig.  1A) [43]. The fea-
tures of the sites and their associated plant samples are 
outlined in Supplemental file 1 (Figs. S1–S7; Table S1).

Roots and rhizospheres of 25 individuals per plant spe-
cies were sampled during two seasons (August 2021 and 
March 2022), thus resulting in 50 individual plants per 
species. For S. plumosa, an additional compartment was 
sampled i.e. the rhizosheath, which is the soil directly 
attached to the roots in a sheath-like shape [46] (Fig. 
S7J). It corresponds to a xerophytic trait that enables the 
plant to withstand desiccation and form a compartment 
distinct from the rhizosphere [47]. Samples were kept at 
4 °C until laboratory analyses.

Soil parameter measurements
Three rhizosphere and bulk soil sub-samples were pro-
cessed in triplicate using X-ray fluorescence spectroscopy 
(XRF). Triplicate soil samples were pressed at 20 t for 
2 min with 1:3 v:v of SpectroBlend® (SCP Science) wich 
allow polymerization of the samples without influence on 
the XRF results [48]. Three measure on each triplicate, 
using the ‘geoexploration’ parameter with a total expo-
sure time of 105 s of the XRF S1 Titan analyzer (Bruker) 
was used to measure the soil atomic composition of ele-
ments from magnesium to uranium, leading to nine 
measurements for each bulk and rhizosphere soil sam-
ple. The rhizosphere and rhizosheath compartment of S. 
plumosa were not measured as the soil material collected 

Fig. 1 The microbiota of six plant species presenting different symbiotic modes was characterized A Pictures of the six plants species in their 
natural environment and their associated trophic modes. Astragalus spinosus (AS) and Retama raetam (RR) are the two Fabaceae species associated 
with nitrogen‑fixing bacteria. Haloxylon salicornicum (HS) and Haloxylon persicum (HP) are the two non‑symbiotic Amaranthaceae species. 
Stipagrostis plumosa (ST) is a Poaceae species associated with AMF. Helianthemum lippii (H) is an ectendomycorrhizal Cistaceae species. B nMDS 
(k = 3) of the fungal (ITS, 18S) and bacterial (16S) community composition according to the compartment (shape = bulk, rhizosphere, rhizosheath 
or root) and associated species (in colors). The associated  R2 and p‑values computed using PERMANOVA are presented for each amplicon according 
to the compartment or species in roots and rhizospheres

(See figure on next page.)
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Fig. 1 (See legend on previous page.)
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in the vicinity of their roots was insufficient for analysis. 
The soil pH was measured at a 1:5 v:v ratio of  H2O and 
KCl 1 M using a pH meter (pH Meter Knick 766, Knick 
International).

Library preparation and sequencing
Sample processing, sequencing methods and bioinfor-
matic analyses were previously described in [48]. Briefly 
DNA extraction was performed with the FastDNA Spin 
Kit for Soil (MP Biomedicals™) and diluted to 0.3 ng.μL-1 
before PCR amplification. 479F (5′ CAGCMGCYGC-
NGTAANAC 3′) and R888 (5′ CCG YCA ATTCMTTT 
RAG T 3′) primers were used to amplify the V3-V4 
regions of the 16S rRNA gene [49]. ITS86F (5′ GTG AAT 
CAT CGA ATC TTT GAA 3′) and ITS4 (5′ TCC TCC GCT 
TAT TGA TAT GC 3′) primers were used to amplify the 
fungal ITS2 [50]. AMADf (5′ GGG AGG TAG TGA CAA 
TAA ATAAC 3′) and AMADGr (5′ CCC AAC TAT CCC 
TAT TAA TCAT 3′) primers were used to amplify the 
18S rRNA gene, thereby allowing enhanced resolution of 
AMF taxa [51]. Library sequencing was performed on a 
2 × 250 NovaSeq 6000 system (Fasteris SA, Switzerland). 
97% OTUs were constructed for taxonomic assignment 
of fungi (ITS and 18S), while ASVs were used for bacte-
ria (16S). Additional information on the methods used 
for the sequencing library preparation and bioinformatic 
pipeline are available in Supplementary file 2, Supple-
mental methods 1.

Analysis of the microbial community composition
All statistical analyses were performed in R and details 
about each analysis workflow are presented in the Sup-
plementary file 3 with their associated files and figures 
(Figs. S8, S9 and S10). We tested the effects of plant 
species on the microbial community composition by 
performing a permutational analysis of variance (PER-
MANOVA) on the Hellinger transformed root and rhizo-
sphere OTU or ASV tables using the following formula: 
Hellinger transformed tables ~ Species*Season with 
10,000 permutations. PERMANOVAs used to test 1°) 
the effect of species, compartment, and season on both 
the total dataset for each amplicon and 2°) the effect of 
season in each compartment of each species are available 
in Supplementary file 4 (Tables S2 and S3). Non-metric 
multidimensional scaling (nMDS) based on Bray–Curtis 
dissimilarity matrix of the Hellinger transformed data 
was performed to visualize differences in microbial com-
munity composition according to each compartment and 
species.

Analysis of the soil composition
Soil XRF data are compositional as they provide the 
relative abundance of each atomic element. A centered 

log ratio transformation was applied to remove the clo-
sure effect and each measure of each replicate was used 
for visualization using principal component analysis 
(n = 2364). Only major elements which varied across 
samples were retained as variables (Mg, Al, Si, P, K, Ca, 
Ti, Cr, Mn, Fe and Sr) for the PCA according to the ‘spe-
cies’, ‘sites’ and ‘soil type’ conditions. ANOVA followed by 
TukeyHSD post-hoc tests were performed to test for pH 
differences between rhizosphere and bulk soils, the rhizo-
spheres of each plant species and the differences between 
bulk soils of each site. Partial Mantel tests were carried 
out to identify the soil parameters that significantly affect 
the microbial composition (Supplemental methods 3).

Network construction and analysis
The sampling season had low impact on the community 
structure (Supplemental methods 2). Samples from both 
seasons were thus merged before network construction 
(Supplemental methods 4). Networks for each amplicon 
(ITS, 18S, 16S), compartment (roots and rhizospheres; 
with the addition of rhizosheaths for S. plumosa) and 
species (n = 6) combination were constructed using the 
SPIEC-EASI method [52], while inter-kingdom networks 
(ITS-16S, 18S-16S) we constructed using the extended 
SPIEC-EASI method [53]. Full details on the filters used 
for each amplicon and network construction are listed in 
Supplementary file 3 (Fig. S11). The networks were then 
visualized using Gephi [54] and their topological attrib-
utes were calculated using the igraph package in R [55]. 
As the networks were built with a different number of 
OTUs (or ASVs), the degree of nodes was normalized 
by dividing their degree by n-1, where n is the number 
of nodes in each network. Betweenness centrality was 
normalized against its maximum possible value in each 
graph using the igraph formula: Bn

=
2B

(n−1)(n−2)
 , where 

B
n is the normalized betweenness, B is the absolute 

betweenness and n is the number of nodes. Differences in 
node degree and betweenness centrality across compart-
ments and species were assessed by ANOVA, followed by 
a post-hoc test based on the estimated marginal means 
[56]. We tested the extent to which the root microbiota 
centrality of nodes differed from that of the rhizosphere. 
To do so we specifically focused on the node degree and 
betweenness differences between rhizosphere and root 
compartments over plant species and amplicons.

Fungi were assigned to their trophic mode using Fun-
Guild database [57]. Only AMF and EMF fungi were 
identified as mycorrhizal in our dataset and were thus 
retained as primary fungal symbionts. We also included 
endophytes such as dark septate endophytes, and epi-
phytes (which only represent a small fraction of the total 
fungal symbionts) as fungal symbionts. All these fungi, 
added to the primary symbionts will be referred to as 
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fungal symbiotrophs. For bacteria, we retained Rhizobi-
ales and Frankiales as primary symbionts as they were 
the only nodule-forming orders identified. In order to 
assess how each symbiotic node was integrated in the 
overall covariance networks, we used the assortativity 
coefficient r =

∑
i eii−

∑
i aibi

1−
∑

i aibi
 , where ai =

∑
j eij , 

bi =
∑

i eij , and eij represent the fraction of edges con-
necting each type i and j node [58]. The assortativity 
coefficient is a measure of network homophily, i.e., the 
preferential attachment of nodes with the same attribute. 
This coefficient is bounded between − 1 and 1, where val-
ues close to − 1 are indicative of a dissortative network 
(i.e., nodes with opposite attributes tend to preferentially 
attach), while values close to 1 are indicative of an assor-
tative network (i.e., nodes with the same attributes tend 
to preferentially attach). We thus assigned nodes to either 
i or j based on the different levels of assortativity to be 
examined (e.g., symbiotrophic nodes = i , non-symbio-
trophic nodes = j ). We further checked if symbiotrophic 
nodes had a structural role in the networks by using their 
among- and within-module connectivity to assign their 
topological roles (Supplemental methods 2). Whereas 
assortativity is based on the node attributes, modularity 
is a community detection method, whereby nodes are 
assigned into modules based on their topology, regard-
less of their attributes. We used the Meconetcomp pack-
age in R [59] to examine the effect of each plant species 
on covariance relationships at the OTU (or ASV) level, as 
well as the intersection of network nodes and edges 
between the networks of each species for each rhizos-
phere and root compartment. Each independent node 
and edge were identified, as well as the species combina-
tions in which they are shared across networks. Venns 
and UpSet plots were used to visualize each independent 
or common node and edge and their differences were 
assessed using the Jaccard distance matrix [60].

Results
Plant species is a major driver of the microbial community 
composition
The fungal community compositions were mainly driven 
by the plant species when compared to the compart-
ment or season both for ITS2  (R2 Species = 0.15*** >  R2 
Compartment = 0.06*** >  R2 Season = 0.005***; Fig.  1B) 
and 18S markers  (R2 Species = 0.12*** >  R2 Compart-
ment = 0.11*** >  R2 Season = 0.01***; Fig.  1B). Bacteria 
compositions however were mainly explained by the 
compartment  (R2 Compartment = 0.17*** >  R2 Spe-
cies = 0.12*** >  R2 Season = 0.005***; Fig.  1B). Season 
had little impact on both fungal and bacterial commu-
nity composition (Figs. S13, S14 and S15; Tables S2 and 
S3). The bacterial communities were better explained by 
the studied parameters than fungi, and this pattern was 

observed in the different plant species with regard to the 
compositions in their roots and rhizospheres (Fig.  1B; 
Supplemental file 4, Fig. S16). The rhizosphere soil com-
position was mainly driven by the Si content at the HP 
(Haloxylon persicum) site, while elements such as Fe, Mn 
and K were the main drivers at the other sites (Fig. 2A). 
Soil atomic composition explained 33.2% of variance in 
PCA dimension 1 and 17.7% in dimension 2 (Fig.  2A). 
Only minor differences in bulk soil compositions and pH 
were observed between sites (Fig.  2B). Bulk and rhizos-
phere soils did not differ greatly in their chemical com-
position (Fig.  2C), while  pHH2O was significantly more 
alkaline in the rhizospheres (Fig.  2A) than in the bulk 

A

B

C

Rhizosphere

Bulk

Fig. 2 Principal component analysis of soil composition. The 
rhizospheres of the different plant species (A), the bulk soils 
of the different sites (B) and the soil type (bulk or rhizosphere) (C) are 
presented. Differences of  pHH2O according to these conditions were 
tested using ANOVA followed by a Tukey HSD test. Different letters 
represent significant differences among groups
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soils. Overall, the  pHH2O was highly alkaline, ranging 
from 8 to 9.8. Here again, the bulk soil pH did not dif-
fer between sites, while the  pHH2O of the Haloxylon per-
sicum rhizosphere was the highest and the pH values 
observed for A. spinosus and H. lippii were the lowest. 
The site and plant species may be covariates in commu-
nity composition analyses but the soil physico-chemical 
properties were similar between sites. Thus, microbiota 
differences were mainly due to the plant species (Fig. 1, 
Fig. S17). The main soil elements influencing the com-
munity composition were Mg, Fe, Ti and Al for ITS2, 
Mg and Fe for 18S and Mg, Ca, P, Al for 16S (Fig. S18). 
The  pHH2O was a strong driver of the microbial composi-
tion for both fungi and bacteria but varied more between 
compartments than between sites (Fig. 2; Fig. S18).

Plant species and compartment affect network topology
Fungal networks had a high proportion of positive edges 
in roots and rhizospheres, ranging from 90.2 to 98.1% for 
ITS2 and from 90.8 to 98.2% for 18S (Table  1). Despite 
the different number of nodes and edges across net-
works, topology measures such as modularity remained 
stable between ITS2 and 18S markers (Student test; 
p-value = 0.217). Bacterial networks had a higher propor-
tion of negative edges in the roots and rhizospheres than 
fungal networks, ranging from 10.3 to 29.4% (Table  1). 
The modularity remained stable throughout all plant spe-
cies’ networks, but was higher in fungal networks than 
bacterial networks (Student test; p-value = 4.0 ×  10–4). 
The normalized node degree was higher in roots than 
in rhizospheres for bacterial and fungal networks (intra-
kingdom and inter-kingdom networks), except for the 
18S networks of the two Amaranthaceae species (H. per-
sicum and H. salicornicum), while it did not change for 
the ITS2 networks of A. spinosus (As) (Fig. 3). The nor-
malized betweenness centrality was also higher in roots 
for bacterial networks (16S, 16S-18S, 16S-ITS2). On the 
other hand, it was lower in roots for single domain fungal 
networks (ITS2, 18S) (Fig. 3). For S. plumosa, the rhizo-
sphere and rhizosheath had closer values of between-
ness and node degree than roots, while betweenness of 
ITS2 and 18S was higher in rhizosphere, but not differ-
ent between roots and rhizosheath (Fig. S19A). Across 
species and compartments, differences in normalized 
degree and betweenness were conserved between bac-
terial intra-domain networks (16S) and inter-kingdom 
networks (16S-ITS, 16S-18S) to a greater extent than for 
fungi (ITS2 and 18S) (Fig. S19B).

Networks share a high number nodes but only a few edges
Overall, we identified a high proportion of nodes shared 
among plant species, while edges (i.e., covariance 
between two nodes) were highly species-specific. The 

analysis of node sharing between networks showed that 
the highest proportion of sharing between plant spe-
cies occurred in 18S networks, where 180 nodes (14.8% 
of nodes) in the rhizosphere and 97 nodes (13.1%) in the 
roots were common to all plant species (Venn diagrams, 
Fig.  4). For ITS, 9.7% of nodes in the rhizosphere and 
9.8% of those in the roots were shared among all species. 
For 16S, only 4.3% of nodes in the rhizosphere and 6.6% 
of those in the roots were shared among all species.

Concerning differences between plant species, jaccard 
distances matrices revealed that H. lippii and A. spinosus 
had the more similar 18S node in the rhizosphere (UpSet 
plot: n = 80, 6.6% of total nodes; Jaccard distance = 0.22), 
while they were more dissimilar in the rhizosphere of 
Amaranthaceae species as compared to the other spe-
cies. For the roots, S. plumosa and H. persicum had the 
most dissimilar 18S node sharing relative to the other 
species (Jaccard distance = 0.70). A. spinosus and H. lippii 
also had the most similar ITS nodes in the rhizosphere, 
a result in agreement with the 18S nodes (UpSet plot: 
n = 180, 10.9% of total nodes; Jaccard distance = 0.35), 
while A. spinosus had a high proportion of independent 
ITS nodes (n = 165, 10% of total nodes) In the roots, the 
highest proportion of shared or unique ITS nodes was 
found in H.salicornicum and H.persicum, which had the 
most unique nodes (n = 87, 85; 12.5, 12.2% respectively) 
compared to shared nodes among all species (n = 68, 
9.8%).

Finally, for 16S, the proportion of nodes in the rhizo-
sphere shared among all species was relatively low 
(n = 228, 4.3%) compared to the shared nodes of A. spi-
nosus and H. lippii (n = 620, 12.9%) and to species-spe-
cific nodes. In the roots, A. spinosus, H. salicornicum 
and H. persicum had a higher proportion of independent 
nodes (n = 216, 16.3%; 191, 14.4%; 119, 9% respectively), 
while only 88 nodes (6.6%) were shared among all spe-
cies. Otherwise, the higher proportion of independent 
or shared edges were unique to each species, as little to 
no edges were shared among all species in the rhizos-
pheres and roots (0.1–2%; Figure S20). While most nodes 
were shared among plant species in the roots and rhizos-
pheres, no edges were shared. This pattern was consistent 
in all single domain networks (ITS, 18S, 16S) but also in 
inter-kingdom networks (16S-ITS, 16S-18S).

Symbiotrophic fungi are the most assortative
We then assessed the extent to which fungal symbio-
trophic taxa were integrated in the covariance relation-
ships with other taxa, using a so-called mixed patterns 
or assortativity metric which measures whether or not 
nodes with an attribute (e.g., symbiotrophics taxa) tend 
to interact more with nodes of the same attribute. Com-
pared to saprotrophs, pathogens or other fungal trophic 
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modes, fungal symbiotrophs were highly assortative 
among the plant species where they occurred (r = 0.32–
0.83; Fig.  5A; Table  S4; see Figs. S21, S22, S23 and S24 
for a more detailed picture). They formed highly assor-
tative modules that preferentially interacted with other 

symbiotrophs, as compared to other fungi belonging to 
other trophic modes. This pattern was consistent among 
species and markers (ITS2 and 18S) but also in inter-
kingdom networks (16S-ITS, 16S-18S; Fig.  5A). Highly 
assortative modules of Glomus spp. were identified in 

Table 1 Topological features for each intra‑kingdom (ITS, 18S, 16S) and inter‑kingdom (16S + ITS, 16S + 18S) co‑occurrence networks 
according to the compartments of each plant species

Root Rhizosheath Rhizosphere

AS HS HP H RR ST ST AS HS HP H RR ST

ITS

 Node 294 354 283 214 205 219 530 1034 598 348 800 661 586

 Edge 93 293 103 103 70 128 316 1155 512 272 682 561 583

Average degree 0.7 1.7 0.7 1.0 0.7 1.2 1.2 2.2 1.7 1.6 1.7 1.7 2.0

Average path length 2.2 11.9 3.1 3.1 1.7 5.1 5.4 9.0 10.7 11.3 11.7 13.1 9.4

 Modularity 0.97 0.94 0.95 0.95 0.96 0.93 0.97 0.89 0.92 0.94 0.93 0.94 0.9

Positive edges (%) 97.9 96.3 98.1 98.1 97.1 97.7 94.0 93.1 95.1 95.6 90.2 95.5 94.4

Negative edges (%) 2.2 3.8 1.9 1.9 2.9 2.3 6.0 6.8 4.9 4.4 9.8 4.5 5.7

18S

 Node 489 466 371 319 362 197 528 894 508 508 776 737 711

 Edge 506 341 210 253 155 85 262 988 455 297 837 587 915

Average degree 2.1 1.5 1.1 1.6 0.9 0.9 1.0 2.2 1.8 1.2 2.2 1.6 2.6

Average path length 12.4 11.7 4.2 10.1 2.3 2.7 8.3 9.6 14.6 9.4 9.5 13.0 7.6

 Modularity 0.91 0.93 0.95 0.92 0.97 0.93 0.96 0.89 0.93 0.93 0.89 0.94 0.84

Positive edges (%) 94.9 98.2 97.6 98.4 96.1 95.3 94.7 90.8 94.7 96.3 91.4 92.2 94.9

Negative edges (%) 5.1 1.8 2.4 1.6 3.9 4.7 5.3 9.2 5.3 3.7 8.6 7.8 5.1

16S

 Node 747 677 374 386 462 251 1103 2921 1513 791 2654 2145 1769

 Edge 1313 1026 397 252 462 277 1420 4676 3057 1443 4674 4815 4841

Average degree 3.5 3.0 2.1 1.3 2.0 2.2 2.6 3.2 4.0 3.6 3.5 4.5 5.5

Average path length 5.8 6.4 8.3 6.3 9.2 8.6 8.1 6.9 5.6 5.7 6.5 5.4 4.8

 Modularity 0.77 0.8 0.87 0.94 0.88 0.89 0.82 0.74 0.89 0.74 0.7 0.62 0.6

Positive edges (%) 77.0 81.6 89.7 70.6 79.7 88.1 81.2 77.5 77.2 86.0 77.0 78.3 80.3

Negative edges (%) 23.0 18.4 10.3 29.4 20.4 11.9 18.8 22.5 22.8 14.0 23.0 21.6 19.7

16S + ITS

 Node 1058 1031 657 600 667 470 1633 3955 2111 1139 3454 2806 2355

 Edge 1414 1426 847 309 352 479 1694 5526 2931 1556 4854 5376 5120

Average degree 2.7 2.8 2.6 1.0 1.1 2.0 2.1 2.8 2.8 2.7 2.8 3.8 4.3

Average path length 7.9 7.6 7.1 8.6 5.9 9.3 10.8 8.3 7.8 7.7 7.9 6.1 5.7

 Modularity 0.84 0.84 0.84 0.97 0.97 0.9 0.90 0.81 0.81 0.83 0.79 0.7 0.69

Positive edges (%) 77.7 82.7 85.1 76.1 82.4 87.5 82.4 79.2 80.7 85.2 78.8 79.3 80.7

Negative edges (%) 22.4 17.3 14.9 24.0 17.6 12.5 17.6 20.9 19.3 14.8 21.2 20.7 19.3

16S + 18S

 Node 1236 1156 745 705 824 448 1631 3815 2021 1207 3430 2882 2480

 Edge 1736 1527 705 573 541 413 1375 5840 3079 1352 5155 3380 4923

Average degree 2.8 2.6 1.9 1.6 1.3 1.8 1.7 3.1 3.0 2.2 3.0 2.3 4.0

Average path length 7.7 7.8 10.5 13.4 15.0 10.3 14.5 7.6 7.3 9.4 7.1 9.3 6.1

 Modularity 0.84 0.84 0.9 0.93 0.96 0.91 0.933 0.78 0.78 0.88 0.78 0.86 0.71

Positive edges (%) 79.3 81.9 83.6 77.0 82.1 87.7 84.65 78.1 80.6 84.7 78.2 80.4 81.9

Negative edges (%) 20.7 18.1 16.5 23.0 19.9 12.4 15.3 21.9 19.4 15.3 21.8 19.6 18.1
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18S networks, and were persistent in the 16S-18S inter-
kingdom networks. The ubiquity of these modules was 
further supported by the complementarity of the two 
ITS2 and 18S markers, which yielded different diversity 
profiles in the identification of fungal primary symbionts 
within Glomeromycotina (Fig.  5B) with similar assorta-
tivity levels (Table S4). While 18S had a higher proportion 

of assignation at the genus level (particularly Glomus 
spp.), ITS2 identified a high proportion of Dominikia 
spp. which were not revealed by 18S (Fig.  5B). The r 
assortativity coefficient was significantly higher for sym-
biotrophs compared to that of the other trophic modes, 
especially in the roots of the different plant species 
(Fig.  6). While the assortativity of fungal symbiotrophs 

Fig. 3 Interaction plots of the estimated marginal means based on the different ANOVA models for the normalized node degree and normalized 
betweenness centrality. Increases or decreases in the normalized node degree and normalized betweenness across compartments 
(RI = rhizosphere; Rm = roots) are presented for each intra‑kingdom networks (16S, 18S, ITS2), inter‑kingdom networks (16S‑18S, 16S‑ITS2) 
and species (As, H, Hp, Hs, Rr). Confidence intervals are included in the plots
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Fig. 4 Shared and independent nodes across each intra‑kingdom network (18S, ITS2, 16S) according to the rhizosphere and root compartment. 
The Venns diagram represents the absolute number and the proportion of unique nodes for each network comparison for all species. The heatmap 
corresponds to the Jaccard distances of the node differences for all species networks. The UpSet plot represents the number of each node 
independent or shared for each species networks, for each single and combined features
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Fig. 5 Sub‑networks of symbiotrophic fungi in the roots of all plant species. The assortativity coefficient of symbiotrophic fungi r, calculated 
on the whole network per plant species is also presented (A). Only symbiotrophic fungus nodes extracted from the total networks are presented 
for each intra‑kingdom fungal network (ITS2, 18S) and inter‑kingdom network (16S‑ITS2, 16S‑18S). Nodes are colored according to their genus 
and their abundance (number of nodes) is presented according to ITS2 or 18S (B)
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was consistently higher in the roots compared to rhizo-
sphere in both single- and inter-kingdom networks, they 
displayed a lower assortativity in the rhizospheric inter-
kingdoms compared to single-kingdom networks (Fig. 6). 
In addition to the lower assortativity in inter-kingdom 
networks (fungi + bacteria) compared to single-kingdom 
networks, we identified a higher proportion of Glom-
eromycotina acting as module or networks hubs in the 
inter-kingdom networks as compared to intra-kingdom 
networks (Fig. S25). Bacterial symbionts (i.e. Rhizobiales 
and Frankiales) had a contrasted pattern compared to 
symbiotrophic fungi, as they covaried more with bacteria 
of different genus in the rhizospheres and roots. Their r 
assortativity coefficient at the order level was similar to 
that of other bacterial orders (Fig. S26), and lower com-
pared to fungal symbiotrophs. Nonetheless, bacterial 
symbionts were acting as module and network hubs in 
the roots and rhizospheres, thereby highlighting their 
importance in structuring the bacterial networks, as well 
as in inter-kingdom interactions (Fig. S27).

Discussion
Despite the importance of symbiotic microbial taxa for 
plant health and their prevalence in the plant phylog-
eny, their effects on the extended plant microbiota has 
remained unfathomable and has yet to be characterized. 
Through massive sequencing and network analysis of the 
bacterial and fungal microbiome of various groups of 
symbiotic plants in a natural environment, we have char-
acterized the overall covariance relationships of plant 
symbiotic taxa with the extended rhizosphere and root 
microbiome.

Plant species is a strong driver of its microbiota
In deserts, microorganism growth and activity are mainly 
limited by water availability, a phenomenon known as 
the pulse reserve paradigm [61]. In our study, the sam-
pling season had little effect on the community compo-
sition (Fig. 1; Figs. S13–S17), mainly due to the absence 
of significant rainfalls between the two sampling periods 
(August 2021 and March 2022). This may explain why 
we observed little differences in microbial diversity and 
composition and soil composition between these two dry 
seasons. In addition, the soil composition was relatively 
homogeneous between sites (Fig. 2). Our sampling strat-
egy therefore enabled us to specifically study the effect of 
plant species on the microbiome. Our extensive sampling 

effort over two seasons and the filters applied before 
network construction enabled us to characterize robust 
microbiome covariance relationships (Figs. S8–S11). 
More specifically, we were able to assess whether symbio-
trophs impacted other taxa in microbial co-occurrence 
networks through intra- and inter-kingdom relation-
ships, and if they had a different topology compared to 
that of non-symbiotic taxa.

Note that the selected plant species have diverse eco-
logical niches, and covariation effects between the species 
and their niches linked to the prevailing environmental 
conditions cannot be ruled out. However, sites also had 
a significant effect on bulk soil microbial communities 
(Fig. S17; R2 = 0.218***, 0.204*** and 0.269*** for ITS, 18S 
and 16S respectively). This covariation between sites and 
species can be explained by the restricted niches of cer-
tain species, such as H. persicum, which only thrives on 
mobile, very sandy soil. Replicating sites in future studies 
could help reduce this effect, in order to more accurately 
determine the proportion of variance attributable to the 
inter-site effect on microbial communities. Moreover, 
while the plant species phylogeny could be expected to 
partially drive its associated microbiome [62], particu-
larly the mycorrhizal associations [63, 64], we identified 
one of the two Amaranthaceae species (H. salicornicum, 
a Amaranthaceae assumed to be non-mycorrhizal), being 
closely associated with AMF fungi (Table S5). AMF could 
thus withstand drought conditions by finding refuge in 
the roots of the only locally persistent plant species, as 
these fungi are able to interact with different partners 
[65], and modulate their interactions [66]. Otherwise, H. 
persicum (the other Amaranthaceae) was not associated 
with mycorrhizal fungi, though it is able to withstand 
extreme temperatures and low water availability [67]. 
H. persicum may thus rely less on fungal symbionts for 
growth and survival or AMF may have found another 
way to persist in the soil such as colonizing dead root tis-
sue. The colonization of H. salicornicum in situ (Table S5) 
demonstrates the plasticity of AMF root colonization at 
the plant species level, even in plants that are considered 
to be non-mycorrhizal.

Then we confirmed that the rhizosphere microbiota 
was subject to significant edaphic constraints in desert 
environments. Elements such as Mg, P, Al, and Ca influ-
enced microbial community assembly, and pH was a 
major driver of the microbial composition (Fig. S18), as 
previously described in various environments [11, 68]. 

(See figure on next page.)
Fig. 6 The r  assortativity coefficient in the roots or rhizospheres of the different plant species for each intra‑kingdom network (18S, ITS2) 
or inter‑kingdom networks (16S‑18S, 16S‑ITS2). Different letters represent significant assortativity differences for the different trophic modes 
of the fungi tested using ANOVA followed by a Tukey HSD test
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Above all, plant species had a pivotal effect on the rhizo-
sphere and root microbiota in our study (Fig.  1), with 
respect to both bacteria and fungi, supporting our first 
hypothesis. In desert environments, where plants are het-
erogeneously distributed and form discrete patches (i.e. 
fertility islands), the plant species founding effect seems 
to have a greater impact on its microbiota than in tem-
perate environments [69–71]. For example, it was found 
that date palm trees in a desertic agrosystem were con-
sistently selecting Gamma- and Alpha-proteobacteria 
taxa in their roots, regardless of the surrounding soil 
microbiome [72]. This further suggests that plant host 
may have a greater effect on their associated microbi-
omes than the soil type in arid environments. However, 
in another study focusing on sympatric desert grasses, it 
was reported that the plant species was not a determin-
ing factor in the microbial assembly of the rhizosheath 
compartment [47], suggesting that stochastic processes 
may also be involved in microbiome assembly in desert 
plants. Nonetheless, intense selection related to the low 
concentration of nutrients and water, characteristic of the 
Arabian peninsula desert, may exacerbate the founding 
effect of plants on the microbial community composition, 
where microbial symbionts potentially play a crucial role 
as they are able to forage for soil water and nutrients or 
fix atmospheric nitrogen [25, 26, 29]. We also found that 
the normalized node degree and betweenness central-
ity of bacterial networks were higher in the roots than in 
rhizosphere (Table 1; Fig.  3), suggesting that there were 
stronger interactions in the endospheric community. This 
was also found to be the case in a comprehensive study of 
the network topology among plant habitats, where node 
centrality and taxonomic assortativity were higher in 
roots than rhizospheres [73].

Conserved assortativity of fungi across plant species 
despite the high edge specificity
Our co-occurrence network analyses further confirmed 
that plant species was a major factor in microbiota 
assembly. Networks had a high level of node sharing 
(Fig.  4), particularly for the 18S networks, suggesting a 
common core microbiota between plant species, whereas 
there was strong edge specificity at the OTU and ASV 
levels (Fig. S20). This suggests that interactions between 
microorganisms within the microbiota, more than micro-
biota community composition, are highly influenced by 
their host species. Despite these differences, a striking 
and ubiquitous pattern was revealed by our analysis: sym-
biotrophic fungi, mainly from the Glomeromycotina phy-
lum, exhibited assortative interactions in different plant 
species, and this trend was particularly obvious in roots 
(Fig.  5; Table  S4). While the network modularity was 
similar across species, it reflected the global network’s 

modularity, thereby lacking the precision of different 
levels of modularity, such as local or assortative ones. 
Note that local mixing patterns often diverge from global 
ones such as network modularity, and more specifically 
assortative or dissortative mixing patterns, as they are 
not unimodally distributed universally [74]. Our assess-
ment of the assortativity within specific symbiotrophic 
groups shed light on localized symbiotrophic fungus 
assortativity patterns in networks, supporting our sec-
ond hypothesis that symbionts have a modular structure 
differing from that of other trophic modes. This demon-
strates that, while interactions at OTU resolution may 
vary due to intra-genus or intra-trophic mode edge rear-
rangements, the organizational structure of the fungal 
microbiota may be higher throughout. This assortativity 
structuration of the root microbiota at the trophic mode 
level, which could be defined as a mesoscale level (i.e. 
intermediate between the OTU and the whole network) 
is in line with previous results on the gut microbiome 
[75, 76] or the brain connectome [77]. While assortativ-
ity seems to be a common feature of microbial networks 
[52], it was found to be a significant feature of the healthy 
gut microbiome [76]. Moreover, in the gut microbiome 
networks, segregated and autonomous assortative com-
munities also exhibited core, peripheric, and dissortative 
communities, where densely connected assortative nodes 
benefit the whole network through metabolic functions. 
How these structural properties are shared in various 
host and environment, and the functional impact of a 
shared assortative module on peripheral network com-
munities is a potential focus of research that still need to 
be addressed.

Assortativity as a key structural parameter of the plant 
microbiome network
The consistent assortative mixing pattern of symbio-
trophic fungi across all species and primers could be due 
to various phenomena, especially in natural environ-
ments. First, it could be linked to the harsh abiotic con-
straints facing microbial communities during drought 
in desert environments. Highly assortative modules are 
more resistant to targeted degree-dependent attacks [58], 
whereby failure of a symbiotrophic node in the network 
would have less impact in a highly assortative network 
than a in dissortative one due to the high number of 
alternative paths between these nodes. These highly clus-
tered patterns could thus reflect an ecological strategy of 
symbiotrophic fungi colonizing plant roots to withstand 
drought in line with desert microbiome dormancy strate-
gies. For example, bacteria from Actinobacteria and Fir-
micutes species, commonly found in deserts, are able to 
form endospores which allow them to resist desiccation 
during drought [78, 79]. To which extent it may also be 
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the case for mycorrhizal fungi still need to be resolved. 
Strong co-occurrence between closely related OTUs 
could be the consequence of environmental filtering 
[80]. More specifically, these highly assortative clusters 
may be the result of niche partitioning, similar resource 
acquisition strategy or resource transfer [76], in line with 
mycorrhizal fungi ecology [81]. The conserved assorta-
tivity at the genus level for mycorrhizal fungi could be a 
strong niche partitioning effect, where conspecific AMF 
share similar niche requirement within the plant roots. 
However, Glomeromycotina polyploid genomes har-
bor multiple ITS2 and 18S copies, which could result in 
falsely positive co-occurrence links among phylogeneti-
cally close species [82]. Notwithstanding, the high assor-
tativity of mycorrhizal fungi (delineated using OTUs 
to reduce this bias [83]), compared to fungi belonging 
to other phyla or trophic mode, was also found in other 
mycorrhizal genus such as Dominikia, and is therefore 
unlikely the result only of bias linked to primers choice.

While strong assortativity patterns were found to be 
stronger among symbiotrophic fungi than other trophic 
modes, this was not the case for bacterial symbionts 
such as Rhizobiales and Frankiales (Fig. S26). Their lower 
assortativity compared to symbiotrophic fungi indicated 
enhanced interactions with others bacterial and fun-
gal taxa. However, their assortativity at the order level 
remained relatively high, therefore further supporting 
the involvement of signal of niche partitioning, resource 
acquisition and resource transfer [76]. As nitrogen is 
critical in nutrient-depleted ecosystems such as deserts, 
Rhizobiales and Frankiales functional involvement in 
nitrogen fixation seems to be of importance for the exist-
ence of other bacteria and fungi. However, this pattern 
was not specific to these bacterial taxa and, while they 
are known to improve the soil nutrient status and plant 
health [24], we could not differentiate them from other 
bacterial orders based on their assortativity. However, 
this high assortativity within different bacterial genera 
could be linked to their ability to horizontally transmit 
genes to each other [84, 85]. This ability enables them 
to adapt quickly to changing environmental conditions 
[86, 87], and could be facilitated between members of 
the same genus by this assortative structure. This could 
explain the concordance with other environments or 
hosts such as the intestinal microbiota, and could consti-
tute a new direction for research.

Symbionts are structural in inter‑kingdom networks
Bacteria and fungi are known to interact in soil and roots 
[20, 88, 89], but these interactions have yet to be compre-
hensively characterized. Given the importance of mycor-
rhizae for plant health, a high extent of covariances could 
be expected. Leung et al. [79], reported that mycorrhizal 

fungi co-occurred more frequently with bacteria com-
pared to non-mycorrhizal fungi. Here we showed that 
fungal symbiotrophs remained assortative across the 
roots of several plant species in intra-kingdom but also 
in inter-kingdom networks. This minor interactions 
between mycorrhizal fungi and bacteria may be linked 
to non-overlapping niches during drought in desert. 
However, we also highlighted that symbiotrophs, nota-
bly fungal primary symbionts, were more structural in 
inter-kingdom relationships compared to the intra-king-
dom’s relationships, thereby suggesting that they had an 
enhanced structural role in fungal-bacterial interactions. 
This result supports our third hypothesis that the inter- 
and intra-kingdom covariance relationships of symbiotic 
taxa have distinct structures. For example, Glomero-
mycotina fungal nodes were highly structural in inter-
kingdom networks and to a greater extent than in fungal 
networks alone (Fig. S25). This further supports previ-
ous findings on the ability of fungi to improve the stabil-
ity and connectivity of bacterial networks as compared 
to intra-kingdom networks [48, 90]. This structural role 
may however have been due to indirect rather than direct 
interactions, such as interactions mediated through 
a third species, as suggested by the high assortativity. 
For instance, arbuscular fungi are known to alter litter 
decomposition by providing carbon to other decompos-
ing microorganisms [91], potentially affecting their co-
occurrence in the rhizosphere. Moreover, the structure 
of fungal-bacterial co-occurrence networks is driven by 
soil niches, while mycorrhizal fungi co-occurred more 
frequently with bacteria compared to non-mycorrhizal 
fungi [92]. Lastly, we confirmed the importance of con-
sidering inter-kingdom relationships when studying the 
microbiome. It is thus essential to assess the microbiome 
and its covariance relationships at different resolutions so 
as to gain greater insight into the microbiome assembly 
and interactions.

Conclusion
Here we obtained solid evidence indicating that the 
plant species is a strong factor in microbiome assem-
bly in a desert environment under harsh abiotic con-
straints. More importantly, we found that symbionts, 
particularly mycorrhizal fungi, were consistently assor-
tative across plant species despite the reorganization 
of their interaction at the OTU level in different plant 
species. This suggests that there is a strong niche par-
titioning under the high constraints that prevail during 
desert drought periods. Rhizobiales and Frankiales bac-
terial species were more structural of both, intra-king-
dom and inter-kingdom network global architecture 
than symbiotrophic fungi, thus indicating their poten-
tial greater functionality in the microbiota of desertic 
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environments. By using covariance networks we were 
able to assess general assembly patterns in the plant 
microbiome, and the conserved assortative structure 
of mycorrhizal fungi. These patterns have already been 
identified in the gut microbiome and suggest that assor-
tativity is a general assembly rule of microbial network 
across various hosts. While assortativity is a meaning-
ful feature of microbial networks, these patterns still 
need to be studied under diverse environmental condi-
tions to further assess how they are conserved, and how 
they impact microbial function and resilience across 
the global plant microbiome.
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